
Advances in Entomology
Edited by Ramón Eduardo Rebolledo Ranz

Edited by Ramón Eduardo Rebolledo Ranz

This book on insects explores various aspects, including advances in pest control, 
biological control of insects, the distribution of new pests, the role of nanoparticles in 
pest control, aspects of integrated pest management, chemoreceptors in Lepidoptera, 

and the use of pheromones in pest control. It is aimed at professionals in the field, 
university professors, school teachers, college students, undergraduate and doctoral 
students, government agencies, and members of the public interested in the world of 

insects. It is written by researchers at the forefront of their research, ensuring the quality 
of the work presented in the text. This book undoubtedly fills a critical gap in knowledge 
for the scientific, academic, governmental, and professional communities. Its success is 
ensured by the high quality of its contributors and the relevance of the topics addressed.

Published in London, UK 

©  2025 IntechOpen 
©  ConstantinCornel / iStock

ISBN 978-1-83634-470-4

A
dvances in Entom

ology





Advances in Entomology
Edited by Ramón Eduardo Rebolledo Ranz

Published in London, United Kingdom



Advances in Entomology
http://dx.doi.org/10.5772/intechopen.1005948
Edited by Ramón Eduardo Rebolledo Ranz

Contributors
Alan Lee Knight, Ashok Kumar Chaubey, Chastity Perry, Dingze Mang, Esteban Basoalto, Hafza Wajeeha 
Ijaz, Heena Khan, Ijaz Ali, Inam Ullah, Michele Preti, Minglin Lang, Naeem Ullah, Nitesh Kumar, Rafiur 
Rahman, Sriyanka Lahiri, Yudie Ma

© The Editor(s) and the Author(s) 2025

The rights of the editor(s) and the author(s) have been asserted in accordance with the Copyright, 
Designs and Patents Act 1988. All rights to the book as a whole are reserved by INTECHOPEN LIMITED. 
The book as a whole (compilation) cannot be reproduced, distributed or used for commercial or 
non-commercial purposes without INTECHOPEN LIMITED’s written permission. Enquiries concerning 
the use of the book should be directed to INTECHOPEN LIMITED rights and permissions department 
(permissions@intechopen.com).

Violations are liable to prosecution under the governing Copyright Law.

Individual chapters of this publication are distributed under the terms of the Creative Commons 
Attribution 4.0 License which permits commercial use, distribution and reproduction of the 
individual chapters, provided the original author(s) and source publication are appropriately 
acknowledged. If so indicated, certain images may not be included under the Creative Commons 
license. In such cases users will need to obtain permission from the license holder to reproduce 
the material. More details and guidelines concerning content reuse and adaptation can be found at 
http://www.intechopen.com/ copyright-policy.html.

Notice

Statements and opinions expressed in the chapters are these of the individual contributors and not 
necessarily those of the editors or publisher. No responsibility is accepted for the accuracy of 
information contained in the published chapters. The publisher assumes no responsibility for any 
damage or injury to persons or property arising out of the use of any materials, instructions, methods 
or ideas contained in the book.

First published in London, United Kingdom, 2025 by IntechOpen
IntechOpen is the global imprint of INTECHOPEN LIMITED, registered in England and Wales, 
registration number: 11086078, 167-169 Great Portland Street, London, W1W 5PF, United Kingdom

For EU product safety concerns: IN TECH d.o.o., Prolaz Marije Krucifikse Kozulić 3, 51000 Rijeka, 
Croatia, info@intechopen.com or visit our website at intechopen.com.

British Library Cataloguing-in-Publication Data
A catalogue record for this book is available from the British Library

Advances in Entomology
Edited by Ramón Eduardo Rebolledo Ranz
p. cm.
Print ISBN 978-1-83634-470-4
Online ISBN 978-1-83634-469-8
eBook (PDF) ISBN 978-1-83634-471-1

If disposing of this product, please recycle the paper responsibly.



intechopen.com

Explore all IntechOpen books

Built by scientists, for scientists





Meet the editor

Dr. Ramón Eduardo Rebolledo Ranz is an Agronomist Engineer 
(Universidad Austral de Chile, 1986) and holds a Ph.D. from 
the Universidad Politécnica de Madrid. A professor since 1986, 
he teaches Agricultural Entomology, Apiculture, and Envi-
ronmental Entomology at undergraduate, master’s, and Ph.D. 
levels. He has supervised over 100 theses (undergraduate and 
postgraduate) and participated in numerous research projects. 

Dr. Rebolledo has published around 100 scientific articles in international journals, 
authored several books and chapters, and edited 10 books. He has advised the Chil-
ean Beekeeping Network, contributed to beekeeping and entomology legislation, 
and consulted for agricultural companies. He also serves as a reviewer for interna-
tional journals, having evaluated over 200 papers in his field of expertise.





XI

1

19

47

69

91

117

129

Contents

Preface

Chapter 1 
Advances in Vector Control: What Is Still Missing?
by Rafiur Rahman, Naeem Ullah and Ijaz Ali

Chapter 2 
Physiological Roles of Chemosensory Receptors in Lepidoptera
by Dingze Mang

Chapter 3 
Sprayable Sex Pheromones for Codling Moth: Waiting for Grower Adoption 
by Alan Lee Knight, Esteban Basoalto and Michele Preti

Chapter 4 
Novel IPM Tools for Twenty-First Century Tree Fruits
by Alan Lee Knight, Michele Preti and Esteban Basoalto

Chapter 5 
Classification of Insect Parasitic Nematodes and Potential  
of Entomopathogenic Nematodes as Biocontrol Agents against Insect 
Pests in Agriculture
by Heena Khan, Nitesh Kumar and Ashok Kumar Chaubey

Chapter 6 
Expanding Host Range of Invasive Pest Scirtothrips dorsalis Hood 
in the U.S.A.
by Sriyanka Lahiri and Chastity Perry

Chapter 7 
The Role of Metals in Biological Control of Insects
by Inam Ullah, Hafza Wajeeha Ijaz, Yudie Ma and Minglin Lang



Preface

It is a great pleasure to present this new book on insects and the latest research on 
fundamental aspects, including insect control, pests, and pest studies.

In this text, the reader will find answers to their curiosities and citations of work on 
research projects and undergraduate and postgraduate theses.

In the book, the chapter authors present the results of their research, as well as 
updated literature reviews on insects, such as advances in insect vector control, classi-
fication of entomopathogenic nematodes, broadening the range of pests in the U.S.A., 
the role of metals in insect control, tools for integrated pest management (IPM), and 
the role of chemoreceptors in insects and pheromones in moth pest management. All 
of these topics are addressed at the highest scientific level by researchers from around 
the world.

This book can be used and cited by undergraduate students in their entomology 
and zoology courses, as well as by postgraduate students, university lecturers, and 
researchers in universities, research institutes, governmental institutions, and the 
general public.

For the editor, it was a great honour to review all the contributions to this volume, 
especially given the international scope of the authors involved.

Finally, the editor congratulates all the authors on their hard work in writing at the 
highest scientific level and for agreeing to all the suggestions for improving the 
presentation of their work.

Ramón Eduardo Rebolledo Ranz
University of La Frontera,

Temuco, Chile
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Chapter 1

Advances in Vector Control:  
What Is Still Missing?
Rafiur Rahman, Naeem Ullah and Ijaz Ali

Abstract

In this chapter, we will try to explore the gaps and limitations in vector control 
interventions. The spectrum of vector-borne diseases is spreading to Europe and 
North America. Conventional vector control methods are losing their efficacy due 
to several factors, like global warming, the development of insecticide resistance, 
unplanned urbanization, and exponential population increase. Several countries 
are investing in novel vector control strategies along with conventional methods. 
Conventional control strategies can be made efficient by proper planning and 
management, as new strategies will take time to be operational. Paratransgenic 
methods like Wolbachia have shown promising results, along with other population 
replacement and population suppression techniques. But these methods cannot stop 
the spread of insect vectors beyond their native range. Among growing concerns 
hindering vector control, lack of coordination between vector control programs, 
over-reliance on neurotoxic insecticides, lack of public health education, lack of 
involvement of important sectors of society, security risks, similar control interven-
tions against different target species, lack of skills of health workers, inadequate 
duration of a specific control intervention, and lack of political will are important. 
To effectively control the spread of vector-borne diseases, we should address these 
issues. Other strategies, like vaccine and drug development along with the One Health 
approach, are very important. We conclude that conventional control interventions, 
participation of all sectors of society, effective and prompt communication between 
stakeholders, and incorporating them into an integrated vector management approach 
are the only way forward in vector control.

Keywords: dengue, Wolbachia, vector control, vector-borne diseases, vaccine

1.  Introduction

Vector-borne diseases (VBDs) such as dengue, malaria, chikungunya, and Zika 
are making headlines in almost every part of the world. Collectively, these diseases 
threaten every 4 out of 5 individuals, affecting mainly poor populations living in 
or around the tropics [1]. VBDs range from viral and bacterial to protozoal infec-
tions. They include mosquito-borne diseases such as malaria, dengue, chikungunya, 
Zika, yellow fever, filariasis, snail-borne schistosomiasis, blackfly-borne oncho-
cerciasis, flea-borne plague and Tungiasis, louse-borne typhus and relapsing fever, 
sandfly-borne leishmaniasis and phlebotomus fever, triatome-borne Chagas disease 
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(American trypanosomiasis), tsetse-borne sleeping sickness (African trypanoso-
miasis), tick-borne Crimean Congo hemorrhagic fever (CCHF), borreliosis, spotted 
fever, Q fever, Tularemia, Lyme disease, etc. According to the UN Office for Disaster 
Risk Reduction website, these diseases account for more than 17% of all infectious 
diseases globally, with an annual death toll exceeding 17,000 [2]. In 2022, malaria 
cases reached an escalating number of 249 million, which is five million more than the 
previous year, i.e., 2021.

Economically, only malaria results in an annual loss of 12bn USD across Africa [3]. 
According to the World Health Organization, currently every 8 out of 10 persons is at 
risk of one or more VBDs [4]. Among vector-borne viral diseases, dengue stands out as 
the most prevalent flavivirus disease. The African region reported 171,991 dengue cases 
with 753 deaths only in 2023. Countries more affected included Benin, Burkina Faso, 
Cabo Verde, Ghana, etc. The actual number of dengue cases in Africa can be higher, as 
there is no proper diagnostic system in the region for timely detection and/or confir-
mation, and dengue is similar to several other arboviral diseases. The American region, 
on the other hand, has a health information platform called Plisa (from Spanish = La 
Plataforma de infomarción en Salud). According to Plisa, Brazil reported more dengue 
cases (1359 cases per 100,000 population), followed by Peru (813 cases per 100,000 
population) and Mexico (235 cases per 100,000 cases). Severe dengue cases were 
reported more in Colombia (1.35% of all cases, followed by Brazil (0.05% of total 
cases), and Mexico (0.54% of all cases). In the eastern Mediterranean region, dengue is 
present in all countries, including Pakistan, Afghanistan, Iran, India, and Bangladesh.

2.  A brief history of vector control

Vector control is the only effective strategy that can be applied at large scales 
against VBDs [5]. The history of vector control traces back to the Greek and Roman 
empires (c. 550 B.C.), when large cleaning campaigns were carried out to reduce fever 
and plague. Mechanical and environmental vector control management, such as using 
bed nets by Egyptians and Romans, curtains by Indians (Marco Polo’s visit to India), 
and sleeping in tall buildings to avoid mosquito bites, is seen in an era when vectors’ 
involvement in parasite transmission was barely known. In Philadelphia (US), sanita-
tion measures such as cleaning sewers and discarding stored water from ships brought 
yellow fever cases to a minimum [5].

After Sir Ronald Ross’s experiments on malaria, showing the involvement of 
Anopheles mosquitoes in malaria parasite transmission, a lot of work has been done 
[6]. In the early days after Ross’s work, the primary vector control intervention was 
source elimination, which ultimately reduced the Anopheles population. Housing 
modifications, such as netting of doors and windows, were advised to interrupt 
contact between the host and the mosquito.

Source reduction/environmental management reduced malaria cases in present-
day Malaysia, where he targeted breeding sites of the local malaria vector (An. 
umbrosus). He also exposed the possible sites to the sun, which eliminated malaria 
in the region to a great extent. In Singapore, the malaria vector An. maculatus was 
controlled, and malaria cases were brought to zero by the same intervention. This 
intervention was looked after by a British doctor, Sir Malcolm Watson, who joined 
MMS (Malayan Medical Services) in 1900 [7]. This intervention, which later got his 
name “species sanitation” by Dutch zoologist Nicolaas Swellengrebel, who replicated 
it for Indonesian territories between 1920 and 1935 [7].
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In 1901, William Gorgas, along with Joseph Le Prince, started the Ae. aegypti 
control program, following the discovery of the involvement of this mosquito species 
in the spread of the yellow fever virus. Vector control interventions in this period 
included inspection of residential areas and houses, destruction of breeding sites or 
oiling them, and fumigating their surroundings with sulfur or pyrethrum. This pro-
gram later on included Anopheles control by using the same measures against Aedes, 
but including the use of larvivorous fish and restricting animals from feeding in the 
outfield to stop creating breeding places in flooded footprints. Due to these interven-
tions, mortality due to yellow fever dropped by 96.22% and due to malaria by 99.22% 
despite a great expansion in human population [8].

An. gambiae was completely eradicated from northern Egypt through a weekly 
larviciding campaign and house spraying. Larviciding was done with Paris green, 
and houses were sprayed with pyrethrum. Trains, planes, and other automobiles were 
treated with residual chemicals to prevent An. gambiae from spreading further north, 
bringing malaria cases fall by 99% from 1942 to 1946 [9].

Notable vector control interventions against malaria and yellow fever vectors 
can be seen in Havana, led by Joseph White, Oswaldo Cruz in Rio de Janeiro, and 
Emilio Ribas in the Brazilian city of Santos. All these interventions were inspired by 
the work of Gorgas, the chief sanitary officer of the Panama Canal, who was sup-
ported by Le Prince, where they eliminated yellow fever and brought malaria cases 
to a history low [8, 10].

Sandfly control was impressed by the fact that a sandfly bite itself is a cause of 
nuisance in soldiers during the WWI. At the time, leishmaniasis was not yet charac-
terized as the primary disease vectored by sandflies, yet sandfly fever was the main 
disease associated with phlebotomines. Control measures against sandflies included 
interventions to make the ground impermeable for sandflies to lay eggs and nourish. 
British soldiers pitched their camps away from refuse and leveled drained ground, 
sealed rocks with cresol or sawdust. Chemical control measures included spraying 
tents and buildings using cresol, crude oil, or paraffin. Normal bed nets were replaced 
with fine mesh size to stop sandflies’ entry [11, 12].

In the post-WWII era, dichloro-diphenyl-trichloroethane (DDT) and pyrethrum 
were used as first-choice residual insecticides against malaria and other vectors. After 
the conclusion of the war, insecticides were deployed in many regions of the world, 
including Europe, to fight typhus, caused by Rickettsia prowazekii and transmitted 
by body lice [13]. Malaria eradication also became more realistic with the usage of 
DDT in many regions, including the US, the Caribbean, Asia, Europe, etc. In 1949, 
the US was declared malaria-free as a significant public health concern [14]. The 
Ross-Macdonald model, the establishment of the Global Malaria Eradication Program 
(GMEP), and other environmental management programs followed through. Malaria 
in Europe was eradicated thanks to GMEP. In 1947, Brazil started its Ae. aegypti 
eradication program. Several control interventions, including inspection of breeding 
containers, management of larval breeding sites, and residual spraying with DDT. 
These interventions helped eradicate Ae. aegypti, and, consequently, yellow fever 
from several South American nations, including Bolivia, Brazil, Chile, Costa Rica, 
Ecuador, Guatemala, Honduras, Panama, Paraguay, Peru, and Uruguay [15] [Political 
Support]. With the eradication of yellow fever, political support and investment 
shrank in these countries, despite many warnings from the scientific community [16]. 
This lack of political will and investment resulted in weak vector surveillance, and 
hence Aedes returned to many countries from where Ae. aegypti was not eradicated, 
like Argentina, the US, Venezuela, etc.
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Reduction in phlebotomine populations can be attributed to malaria control pro-
grams, especially GMEP in the 1950s; however, specialized vector control approaches 
took place in China and Brazil (Evandro Chagas initiated the use of DDT against 
leishmania vectors in Brazil in 1936), decreasing cases of both Visceral (VL) and 
Cutaneous (CL) leishmania cases down (main article) [17].

After the ban on GMEP, malaria was poorly controlled in many parts of the 
world. Many outbreaks took place in Asia, Brazil, etc. Economic crisis resulted in an 
increase in insecticide prices, resistance to insecticides and drugs increased as a result 
of poor strategies, and operational capacity decreased [18]. A WHO-led interven-
tion employed propoxur and MDA (mass drug administration) decreased malaria 
cases from 80 to 30% [19]; however, the intervention did not continue, and malaria 
bounced back in the following year.

The World Health Assembly (WHA) in 1978, 1979, and 1993 endorsed a more 
technical approach toward malaria elimination. This approach is based on biologi-
cal, social, ecological, and economic determinants of malaria rather than merely 
using insecticides and MDA. This strategy called for a selective approach in applying 
whether, where, and which intervention to apply for vector control.

Synthetic pyrethroids on Insecticides Treated Nets (ITNs) were introduced in 
vector control, although several communities were already sleeping under bed nets. 
In 2007, WHO recommended the use of ITNs for the whole community instead of 
high-risk groups, either free or at a subsidized price. The WHA reiterated that malaria 
control in Sub Saharan Africa (SSA) can lead to malaria cases globally. IRS was used in 
a very limited area, mainly funded by the US President’s Malaria Initiative [20]. ITNs 
and IRS brought malaria cases down to 50% [21], of which a 68% decrease is attrib-
uted to ITNs and 13% to IRS.

2.1 Arboviruses, a new global threat

In the nineteenth and twentieth centuries, protozoans and nematodes were the 
major vector-borne parasites; the twenty-first century is marked by the outbreaks 
of dengue, chikungunya, Zika, yellow fever, etc. All these diseases share a common 
phenomenon; they are all vectored by Aedes. They are sometimes referred to as Aedes-
borne diseases [22, 23]. The expansion of vector species beyond their native territory 
is the main reason for the global spread of these diseases. We will discuss in detail the 
factors that contribute to their worldwide spread.

3.  Beyond insecticides, alternative vector control approaches

If we talk about current innovative control interventions, we will use the current 
WHO Vector Control Advisory Group (VCAG) portfolio. Methods with promising 
results include autodissemination of pyriproxyfen, pyrethroid-treated nets, attrac-
tive targeted sugar baits or ATSBs, genetic manipulation of mosquitoes, the World 
Mosquito Program’s Wolbachia method, spatial repellents, interventions under the 
umbrella of Sterile Insect Technique (SIT), insecticides treated eave tubes, gene drive 
(defined by VGAG as genetic manipulation of mosquitoes through gene drive technol-
ogy to reduce vector populations and transmission), etc. [24].

So far, vector control strongly relies on the use of neurotoxic insecticides, mainly 
of the pyrethroid class. These insecticides pose a constant selection pressure, which 
helps to select resistant populations [25]. As mosquitoes go through complete 
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metamorphosis, only larval and adult stages can be controlled. But larval control 
has been the most effective tool compared to adult control [26]. Spinosad, derived 
from Saccharopolyspora spinosa, which is a soil actinomycete, has two insecticidal 
agents, A and D. Both these agents are effective against all types of mosquito 
larvae tested so far [27]. Other entomopathogenic fungi, Beauveria bassiana and 
Metarhizium anisopliae, have shown promising results against both larvae and adults 
of Ae. aegypti [28].

Bacteria like Bacillus thuringiensis var. israelensis and Lysinibacillus sphaericus [29] 
have shown promising results. These bacteria release toxins that, upon entering the 
larvae of mosquitoes, disrupt cell membranes there. These bacteria are effective 
against Aedes, Culex, and Anopheles mosquitoes, with mortality varying between 
different genera and species [28].

Natural predators like copepods (Macrocyclops albidus), larvivorous fishes, and 
Toxorhynchites larvae, etc., having good output in the field, fall into the category of 
biological control. Experiments carried out in different parts of America, Asia, and 
Australia have shown that a single copepod can kill more than forty Aedes larvae per 
day. In New Orleans, Vietnam, Florida, etc., copepods have shown promising results, 
particularly against container mosquitoes [30].

Insect growth regulator pyriproxyfen has also shown very promising results 
against Ae. aegypti. In a pilot study in Peru and Italy, pyriproxyfen is distributed 
to the larval breeding sites through contaminated males, a method called autodis-
semination. This intervention has significantly reduced Ae. aegypti and Ae. albopictus 
populations [31, 32]. IGRs like pyriproxyfen, methoprene, and diflubenzuron, etc., 
do not directly kill insects but rather delay their growth, hence exposing them more 
to environmental stress and predators. They do so by mimicking the true growth 
hormones, changing their growth, development, physiology, and behavior [33].

3.1 Wolbachia as an excellent example of a recent vector control intervention

Based on operational applications, Wolbachia can be used for both population 
suppression and population replacement. Wolbachia is capable of disturbing vec-
tors’ reproduction or reducing their ability to transmit parasites of public health 
significance.

The Wolbachia method is the best example of an innovative vector control 
intervention.

3.1.1 Wolbachia used for vector population replacement/substitution

Transinfecting Ae. aegypti with Wolbachia bacteria is an example of population 
replacement or substitution. The wild population of Ae. aegypti is replaced with 
laboratory-reared Ae. aegypti, which are modified (transinfected) with Wolbachia. 
Wolbachia bacteria compete for resources with several parasites like dengue virus, 
chikungunya virus, and Plasmodium, hence making vector species less likely to trans-
mit them [34]. A parasite must replicate (in case of viruses) or complete part of its 
life cycle (as in the case of Plasmodium) within the arthropod vector, for which they 
need resources. When a mosquito carries Wolbachia, it creates an environment within 
the insect that is less hospitable to the growth of parasites. This competition limits 
the virus’s or other parasites’ ability to replicate, ultimately reducing the mosquito’s 
competence to transmit these parasites [35, 36].
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3.1.2 Wolbachia as a vector population suppression tool

Wolbachia interferes with normal physiological and developmental functions, 
reducing the survival of vectors. This phenomenon is particularly true and tested 
for Ae. aegypti [37]. This intracellular bacterium also interferes with the normal 
blood-feeding of Ae. aegypti females, hence reducing the chances of egg-laying 
[38]. Wolbachia’s most commonly induced vector population suppression tool so far 
is cytoplasmic incompatibility (CI). When a Wolbachia-infected male crosses with 
a wild, uninfected female, the resulting progeny is sterile and is called unidirec-
tional CI. In a bidirectional CI, all crosses between Wolbachia-infected individuals 
lead to sterile progeny, provided mosquitoes are infected by different strains. All 
other crosses are fertile.

Figure 1 shows different types of crosses and their outcomes.
As Wolbachia infection is causing sterility, it can be referred to as Sterile Insect 

Technique (SIT), but if the Wolbachia strain is not established in the target vector 
population, with the males as a dead-end host, we refer to this technique as IIT or 
Incompatible Insect Technique. Wolbachia strains established so far include wPip 
and wMel isolated from Culex and Drosophila, respectively [39, 40]. According to the 
World Mosquito Program’s official website, several countries, including Australia, 
Brazil, Colombia, Singapore, etc., have achieved significant results using a unidi-
rectional approach, releasing Wolbachia-infected male mosquitoes. In Brazil, for 
example, lab-infected, Wolbachia-carrying mosquitoes are called “WOLBITOS” 
instead of mosquitoes. In Australia, males infected with the wMel strain and released 
into the field; after a few months of release, wMel has established itself in Ae. aegypti 
populations [34, 39, 41].

SIT on its own is a method in which a large number of sterile males are released in 
the field. Male sterility is achieved by exposing them to certain chemicals or gamma 
radiation. Both of them cause permanent damage to an insect’s chromosome or domi-
nant lethal mutation in sperm. SIT has been extremely effective against An. albimanus 
and Cx. quinquefasciatus in El Salvador and Florida, respectively [42].

Figure 1. 
Different types of crosses possible between Wolbachia-infected male and female mosquitoes.
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As sterilizing males through the above-mentioned methods can be challenging, a 
new genetic method, based on RNA interference, aimed at silencing the testis genes 
and a female sex determination gene with the help of a dsRNA. The dsRNA is pro-
vided to larvae in their feed as dsRNA-baited larval food [43, 44].

Other methods like Release of insects carrying a lethal dominant gene (RIDL), 
RNAi, and homing endonuclease gene (HEG) also fall under the category of genetic 
control. RIDL basically is a type of SIT, with the principle of female killing. In this 
method, males carry and deliver female-acting transgenes to wild populations, which 
may induce mortality in immature stages (pupae) or mature adults. They may also 
reduce a gene responsible for wing muscle development, disturbing normal flight, 
resulting in abnormal feeding and other physiological functions [37]. (ISSUE = Large 
number of males). This method has been in the field in the Cayman Islands [45] and 
Brazil (OX513A) [46], with promising results.

The RNAi method, instead of killing the mosquito vector, improves the insect’s 
immune response, degrading viral RNA. Ae. aegypti have been genetically modi-
fied by constructing an effector gene that targets and disrupts DENV2. This is 
achieved by the expression of a dsRNA that is complementary to the DENV2 
genome. The DENV-specific dsRNA triggers the RNAi effect and blocks viral 
replication inside mosquitoes, making female Aedes mosquitoes resistant to the 
dengue virus [37].

In HEGs method, specific DNA sequences are recognized and cut. As the name 
suggests, homing endonuclease genes, or HEGs, encode endonuclease enzymes that, 
in a heterozygote individual, cut themselves and insert into the exact cop, converting 
an HEG heterozygote to an HEG homozygote, resulting in an increase in HEG copies 
in mosquitoes. HEGs can be designed to target different genes like sex-determining, 
vector competence, and/or fertility [22].

Scientists are in search of delivering insecticides to target species through differ-
ent routes. The use of Attractive Toxic Sugar Baits (ATSB) is one such method that 
exploits insects’ habit of sugar/nectar feeding [47]. In such baits, a solution is used 
that consists of a neurotoxic insecticide (Spinosad) or an oral toxin (boric acid) [48] 
or even an IGR (pyriproxyfen) [49]. ATSBs have shown good results in field and 
semi-field conditions when used against Ae. aegypti and Ae. albopictus [50].

3.2 Artificial intelligence (AI) and machine learning (ML) in VBDs

The field of VBDs has seen a surge of interest in AI and ML techniques. While 
these technologies have shown some promising progress in improving surveillance 
and modeling, their direct application to control vectors is still very limited [51–53].

4.  What is still missing, why are we not able to control VBDs?

Despite many advances in vector control, we are still not able to stop the spread of 
VBDs. There are several limitations to each vector control method, and we are going 
to discuss each of them briefly. We have summarized them in Table 1 as well.

4.1 Insecticide resistance

We cannot deny the fact that the only option in case of an emergency caused by 
VBDs is neurotoxic insecticides. However, over-reliance on them has led to the devel-
opment of insecticide resistance [25, 54]. Insecticide resistance, as defined by the 
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WHO, is “the ability in a strain of some organism to tolerate doses of a toxicant which 
would prove lethal to majority of individuals in a normal population of the same spe-
cies” [55]. A. W. A. Brown defines insecticide resistance as “any population, within a 
species normally susceptible to a given insecticide, that is no longer controlled by the 
pesticide in the area concerned” [56]. Mosquito populations worldwide have evolved a 
diverse array of mechanisms to cope with neurotoxic insecticides. These mechanisms 
range from behavioral changes to cuticular modifications to detoxification of insec-
ticide molecules to target site modifications [57]. A protein present in the legs of An. 
gambiae was found to be overexpressed in the legs of pyrethroid-resistant An. gambiae 
[58]. This type of resistance is common in regions with extended use of bed nets 
impregnated with pyrethroids, like Cameroon, Burkina Faso, and Guinea. This shows 
how smart these mosquitoes are.

Mutations associated with insecticide resistance are reported all over the world; 
some of them are universal, while others are region-specific. Insecticides like pyre-
throids and organochlorines targeting voltage-gated sodium channels (vgsc or Nav) 
select for kdr mutations, which are common in dengue and malaria vectors. Among 
them, F1534C is found in Ae. aegypti populations resistant to pyrethroids. Other 
mutations like 410 L, 989S, 1016I/G, and 1520I are region-specific [59]. The origin of 
the 1534 mutation, when studied in detail, shows that this mutation has at least two 
different and distinct origins, indicating that this mutation is selected independently 
of geographical location by Ae. aegypti populations [60].

Category Issues Solutions

Operational 
limitations

Community engagement and 
health education

Conducting awareness sessions in community 
centers, schools, cultural festivals, etc.

Lack of political will Advocate for policy changes and integrate 
vector control into health agendas.

Absence of effective vector 
control surveillance

Establish real-time surveillance systems with 
modern technology.

Technical 
limitations

Insecticide resistance Develop and rotate new insecticides or 
implement alternative control methods.

Ignoring vector behavior Incorporate behavioral studies into control 
program designs.

Presence of more than one vector Use strategies targeting multiple vectors.

Lack of an integrated approach in 
vector control

Integrated Vector Management (IVM).

Sustainability and cost-
effectiveness of novel 
interventions

Invest in scalable and affordable solutions, 
such as community-based programs.

Logistical 
limitations

Sustainability and cost-
effectiveness of novel 
interventions

Establish partnerships for funding and 
resource sharing across regions.

Environmental 
limitations

Climate change Develop adaptive vector control measures 
based on climate modeling.

Unplanned urbanization Promote urban planning policies that minimize 
vector breeding habitats.

Table 1. 
Limitations in vector control and their possible solutions.
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4.1.1 What should we do to handle the issue of IR

New insecticides need to be introduced in the field. Insecticides based on natural 
products, essential oils (EO), can effectively replace current neurotoxic insecticides. 
These insecticides should have different modes of action to avoid cross-resistance. 
Cross-resistance is a common phenomenon in insects, deliberated by resistance devel-
oped against pyrethroids in DDT-resistant malaria vectors, as organochlorines (DDT) 
have a similar mode of action as pyrethroids, both targeting vgsc [61].

Until new insecticides are introduced in the field, our key focus should be to 
maximize the effectiveness of currently available insecticides. This emphasizes 
determining lethal doses for each local vector population rather than solely adhering 
to preestablished WHO-recommended doses. We can also use different insecticides in 
the same locality to delay the development of resistance. This can be done by distrib-
uting a locality into different patches and selecting an insecticide to be applied.

IR monitoring is essential for keeping a check on IR development. It should be 
made mandatory to perform bioassays and look for molecular mechanisms selected by 
vector populations.

In 2016, scientists from all over the world united in Rio de Janeiro to discuss IR 
on a global scale. A platform with the name WIN (World Insecticides resistance 
Network) held its second meeting in Singapore. Such a consortium is necessary as it 
discusses all aspects of IR. They also discussed the potential for novel insecticides and 
brought industry, academia, agriculture, and major stakeholders to the same table to 
discuss strategies related to VBDs and IR in particular [25, 62].

4.1.2 Other issues in current and conventional vector control

4.1.2.1 Presence of more than one vector

In several parts of Africa, the major malaria vector is An. gambiae, which was 
successfully eradicated in most parts of the continent. However, the arrival of An. 
stephensi from Asia disturbed this success [63].

The same can happen in the case of dengue, leishmaniasis, and other infections 
having more than one vector. Therefore, the presence of more than one vector species 
can greatly affect vector control.

4.1.2.2 Ignoring vector behavior while designing an intervention

Vector behavior is of utmost importance in designing any vector control strategy. 
Behaviors like resting, mating, feeding, and egg laying are extremely important while 
working on any control intervention. Any intervention that does not address these 
behaviors would not be successful [64].

4.1.2.3 Absence of effective vector surveillance tools

Vector surveillance is as important as any other control intervention. Many developing 
countries stop vector surveillance when there is no disease outbreak. Vector surveillance 
must be done throughout the year with or without the presence of disease outbreaks. 
Vector species must be studied for competence through robust molecular biology tools.

An effective vector surveillance system can help us prepare for disease out-
breaks [65].



Advances in Entomology

10

4.1.2.4 Sustainability and cost-effectiveness of innovative control tools

Novel control interventions like Wolbachia, SIT, copepods, etc., have sustainabil-
ity issues. The majority of these techniques require an active molecular biology setup, 
a mosquito facility capable of producing millions of mosquitoes weekly, and continu-
ous releases, among others [5]. None of these interventions is cost-effective, keeping 
in mind that VBDs mostly affect low- and middle-income countries where very little 
is invested in the health sector.

4.1.2.5 Community engagement and health education

Release of “modified” insects can provoke an unwanted response in local com-
munities. This happened in a local Brazilian neighborhood, which was selected for 
the “Wolbachia” intervention. The shopkeeper noticed that after the release of “new” 
mosquitoes, his insecticide sales increased manyfold. Scientists involved in the inter-
vention had to rethink and release a strain of Wolbachia males carrying a mutation to 
tolerate insecticides used by the local population [66].

The local community must be informed and taken on board before introducing 
any control intervention. A project initiated by Fiocruz researchers in Brazil, with the 
name “10 minutos contra Aedes,” has shown excellent results. In this method, locals are 
shown the premature and mature stages of mosquitoes’ life cycle with a focus on locat-
ing breeding sites in their surroundings. They are then asked to spare 10 minutes from 
their weekly schedule and look for these breeding sites at their homes and backyards. 
This method can be very effective if adopted locally in other regions of the world [67].

4.1.2.6 Lack of an integrated approach in vector control

The development of a yellow fever vaccine was initially believed to halt disease 
transmission. While it effectively controlled yellow fever, on the other hand, it led to a 
reduction in funding for vector control programs. This, in turn, facilitated the spread 
of other Aedes-borne diseases and contributed to the expanded geographical range of 
the Ae. aegypti mosquito.

Similarly, early success against Ae. aegypti eradication was halted by the lack of 
coordination among neighboring countries of Latin America [discussed earlier].

Therefore, each intervention must be well-communicated among stakeholders, 
and steps must be taken to ensure an effective and well-integrated approach.

4.2 Climate change and global warming

Global warming and climate change, as they are affecting other sectors of life, 
are also helping the spread of VBDs. Increased average global temperatures have 
resulted in more precipitation, which ultimately results in more breeding places for 
mosquitoes to nourish [68, 69]. Moreover, higher temperatures also favor mosquito 
propagation [70]. The recent spread of vector populations beyond their native range 
is also fueled by climate change. This is evident by the recent cases of chikungunya in 
Southern Europe [71].

Both active and passive surveillance should be guaranteed to stop the spread 
of VBDs and control them in regions where they are already present. If not, vec-
tor populations are expected to spread to all regions of the world, as predicted by 
Kraemer (Figure 2) [72].
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4.3 Unplanned urbanization and increased global connectivity

Among other issues that contribute to the global spread of VBDs is unplanned 
urbanization. An increase in global population is directly proportional to urbaniza-
tion. Many rural areas are being transformed into urban settings with an increased 
demand for water storage. This favors an increase in stagnant water, which is ideal for 
the breeding of certain vectors like Ae. aegypti [73, 74].

No vector species can spread on its own, as their flight or self-distribution ability 
is very limited. Therefore, their spread is dependent on humans’ moments and global 
trade. It is evident by the direct association of tire trade and the spread of dengue vec-
tors. Historically, Ae. aegypti traveled from Africa to the New World through human 
migration and the stored water they brought with them for a sea voyage [75].

Community engagement, health education, and active airport screening should 
be guaranteed to tackle the global spread of VBDs through urbanization and global 
trade.

4.4 Lack of political will and conflict

As Ae. aegypti was eradicated in various Latin American countries, the lack of 
investment through governments in these countries and inactive border control led to 
the reintroduction of vector populations. Despite warnings from Soper, no investment 
was made in the area of vector control [16]. Similarly, malaria was almost eliminated 
from Pakistan, but the political situation in the border areas between Pakistan and 
Afghanistan and a huge influx of refugees from war-hit Afghanistan affected vector 
control in both countries.

Figure 2. 
Predicted future spread of (a) Aedes aegypti and (b) Aedes albopictus. Adopted from Kraemer 2019.
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Several African countries continue to struggle with the control of malaria 
and other vector-borne diseases due to persistent challenges. Political instability 
and unrest significantly impede progress by disrupting essential vector control and 
surveillance activities. This disruption creates a breeding ground for these diseases to 
spread and wreak havoc on affected communities [76].

5.  Conclusions

Vector control faces several challenges, ranging from insecticide resistance to 
global warming. The potential of vector populations to adapt to extreme tempera-
tures and their shorter life span with a huge progeny makes it extremely difficult to 
control and/or eliminate them. The only solution, as we see so far, is the Integrated 
Vector Management (IVM) and One Health. All sectors of society, along with 
political leadership, must be brought on the same page to make the dream of vector 
control a reality.
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Chapter 2

Physiological Roles of 
Chemosensory Receptors in 
Lepidoptera
Dingze Mang

Abstract

Lepidoptera is one of the largest orders within the class Insecta, encompassing 
numerous species that are major pests in agriculture and forestry. These insects rely 
on a highly specialized chemosensory system to detect environmental chemical cues, 
which are essential for regulating key behaviors such as foraging, mating, oviposition, 
and predator avoidance. In the past two decades or so, substantial progress has been 
made in elucidating the functions of chemosensory receptors in Lepidoptera. This 
chapter summarizes advances in understanding the physiological roles of chemo-
sensory receptors, with a particular focus on odorant receptors (ORs), gustatory 
receptors (GRs), ionotropic receptors (IRs), odorant-binding proteins (OBPs), and 
chemosensory proteins (CSPs). ORs expressed in the antennae detect sex pheromones 
and plant volatiles with high specificity, activating neural signaling pathways that 
mediate mating and host-seeking behaviors. GRs located in the maxillary palps and 
tarsi are involved in the perception of sugars, bitter compounds, and oviposition 
stimulants, thereby influencing feeding and oviposition preferences. Moreover, OBPs 
and CSPs serve as molecular carriers, facilitating the efficient transport of hydropho-
bic odorant molecules. A comprehensive understanding of the physiological roles of 
these chemosensory receptors provides a foundation for developing environmentally 
friendly pest management strategies.

Keywords: chemosensory neurons, gustation, olfaction, physiology, behavior

1.  Introduction

Throughout long-term evolution, insects have developed highly specialized and 
extremely sensitive chemosensory systems, which play a fundamental role in mediat-
ing key behaviors involved in intra- and inter-specific interactions, as well as multi-
trophic relationships. These behaviors are crucial for the survival, reproduction, and 
evolutionary success of insect species. Insects utilize their finely tuned chemorecep-
tors to detect and discriminate among a wide array of chemical cues, enabling them to 
perform essential activities such as foraging, feeding, mating, and selecting suitable 
oviposition sites. The chemosensory signal transduction pathways in insects involve 
multiple proteins, among which olfactory receptors (ORs) and gustatory receptors 



Advances in Entomology

20

(GRs) are of particular importance. These receptors, typically composed of approxi-
mately 400 amino acid residues and characterized by seven transmembrane domains, 
bind to environmental chemical compounds and transmit the resulting signals to the 
central nervous system (CNS). The activation of specific neural circuits subsequently 
modulates insect behaviors in response to external chemical stimuli [1–3].

The Lepidoptera represents one of the most diverse groups within the Insecta. 
The chemosensory system of Lepidopteran plays a pivotal role in mediating essential 
life processes, including foraging, mating, oviposition, and defense. Elucidation of 
the mechanisms underlying chemical communication in Lepidoptera is fundamental 
for advancing our understanding of how these insects sustain populations, ensure 
survival, and achieve successful reproduction. Most Lepidopteran species, particu-
larly moths, rely on species-specific sex pheromone communication and the precise 
recognition of host plant volatiles to locate appropriate hosts, facilitate mating, 
and establish reproductive isolation. Chemosensory receptors are central to these 
processes, serving as the fundamental functional units through which Lepidopteran 
insects perceive and respond to chemical cues from their environment [4, 5]. These 
receptors are broadly categorized into two types: olfactory receptors, located within 
olfactory sensilla, and gustatory receptors (also referred to as contact chemorecep-
tors), located within gustatory sensilla. Olfactory receptors detect volatile secondary 
metabolites emitted by host plants, thereby enabling host localization. Upon physical 
contact with the plant, gustatory receptors allow the insect to assess both the qualita-
tive and quantitative aspects of plant-derived nutrients, feeding stimulants, and 
deterrents, thus facilitating informed behavioral decisions [6, 7].

In the past two decades or so, substantial progress has been made in the functional 
characterization of chemosensory receptors, driven by the rapid development of 
genomic and neurobiological technologies. This chapter focuses on the physiologi-
cal functions of chemosensory receptors in Lepidopteran. First, a comprehensive 
overview of current knowledge regarding the structural organization and functional 
roles of the chemosensory system will be provided, followed by a summary of the 
perception mechanisms employed by olfactory and gustatory receptors. Second, 
recent advances in molecular and physiological studies of chemosensory receptors 
will be discussed. Finally, the methodology for chemosensory receptor function will 
be described.

2.  Chemosensory system in Lepidoptera

2.1 Chemosensory organs

Chemoreception is crucial for insects to select suitable hosts, locate nutrient-rich 
foods, find mates, and avoid consuming toxic substances. Specialized chemorecep-
tors, such as gustatory receptors (GRs) and olfactory receptors (ORs), enable insects 
to detect chemicals over short and long distances, thereby triggering appropriate 
behavioral responses to these stimuli [8]. Such behaviors depend on the various 
chemosensory sensilla that are present on the antennae, mouthparts (including 
labrum, labium, maxillae, mandibles, and hypopharynx), legs, wings, and oviposi-
tors (Figure 1A-C) [9, 10].

In insects, the sensillum is a simple structure of the epidermis and usually 
acts as a receptor for the perception of a variety of environmental stimuli [11]. 
Morphological and physiological characteristics of sensilla are involved in the 
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evolutionary development of the insect chemosensory system [12]. Based on 
their wall structure and external appearance, sensilla are classified into different 
morphological types. The common types of sensilla in Lepidoptera are basiconic 
sensilla, trichoid sensilla, and coeloconic sensilla, each involved in different aspects 
of chemical detection [13]. Lepidopteran insects have uniporous gustatory sen-
silla (sensory organs) and multiporous olfactory sensilla. Gustatory sensilla can 
be broadly distributed into the mouthparts, antennae, wings, and ovipositor of 
the insects, where they are involved in eliciting various behaviors (Figure 1A-C) 
[14–17]. These sensilla styloconica have four gustatory receptor neurons (GRNs) and 
one mechanosensory neuron, which are involved in sensing taste and other related 
response [18]. A typical GRN has gustatory receptors (GRs) on its dendritic end 
with a specific affinity toward a diverse range of ligands such as sugars, salt (NaCl), 
inositol, and plant alkaloids. The olfactory sensilla generally contain specialized 
structures, including multiple cuticular pores, facilitating the detection of odor mol-
ecules [19]. The pores in the sensillum wall are connected to pore-tubules suspended 
in the sensillum lymph, which might serve as a route for the odor molecules to 
reach the odorant receptors (ORs) in the dendrites of the olfactory sensory neurons 
(OSNs) [20–22]).

Figure 1. 
Lepidoptera chemosensory organs on adults (A) and (B-C) larvae. Each sensory organ consists of several sensilla, 
which expresses chemosensory receptors (D). Model of mechanism of olfactory receptor complex (E), consisting of 
the co-receptor (Orco) and an ORx, and gustatory receptor (F).
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2.2 Olfactory perception mechanism

The olfactory signal transduction mechanisms in Lepidopteran insects exhibit 
notable similarities to those characterized in Drosophila. Sodium fluoride (NaF), an 
G protein activator, and diacylglycerol analog 1-oleoyl-2-acetyl-sn-glycerol (DOG), 
which mimics endogenous diacylglycerol (DAG), both elicit neural impulses in the 
antennae of Bombyx mori that are comparable to those induced by sustained, low-
intensity odorant stimulation. These compounds activate olfactory sensory neurons 
(OSNs) in both male and female moths, resulting in the opening of ion channels. 
Signal transduction processes are involved in pheromone-sensitive neurons in 
males and general odor-sensitive neurons in females [23]. In Lepidoptera, G protein 
α-subunits mediate olfactory signal transduction via interactions with G protein-cou-
pled receptors (GPCRs), operating through two distinct second messenger pathways: 
cyclic adenosine monophosphate (cAMP) and inositol trisphosphate (IP3). In B. 
mori, two distinct olfactory receptors are specifically expressed in a pair of adjacent 
pheromone-sensitive neurons located in the male antennae. One neuron is tuned 
to bombykol, the primary sex pheromone, and the other to bombykal, its oxidized 
derivative. These two receptors are co-expressed, and their activation leads to the 
opening of non-specific cation channels (Figure 1D and E) [24]. The gene encoding 
the bombykol-specific GPCR is selectively expressed in pheromone-sensitive neurons 
during the pupal and adult stages of male moths, underscoring its specialized role in 
pheromone detection [25].

Sato et al. [26] and Wicher et al. [27] concurrently published studies proposing 
that the ORx–Orco complex functions as a non-selective, odorant-gated ion channel 
permeable to Ca2+, Na+, and K+ ions. According to Sato et al., odorant molecules can 
activate the ORx–Orco complex and open the ion channel to elicit action potentials 
independently of the second messenger cyclic adenosine monophosphate (cAMP). 
In contrast, Wicher et al. proposed a dual mechanism: at low odorant concentrations, 
and G protein signaling induces cAMP production, which subsequently activates 
Orco and promotes cation influx to generate action potentials; at higher concentra-
tions, however, ion channel activation occurs directly, without the involvement of 
second messengers. Subsequent studies have demonstrated that Orco activation is also 
modulated by protein kinase C (PKC) and calmodulin (CaM) [26, 27].

A previous study demonstrated that pheromone signal transduction critically 
depends on the presence of sensory neuron membrane protein 1 (SNMP1) [28]. In situ 
hybridization and immunohistochemical analyses revealed that SNMP1 is typically 
co-expressed with the pheromone receptor (PR)-Orco complex in olfactory sensory 
neurons (OSNs) located in trichoid sensilla. When pheromones are delivered to the 
vicinity of the OSN membrane by pheromone-binding proteins (PBPs), SNMP1 is 
thought to induce conformational changes in PBPs, either by modulating the local 
pH or through direct interaction, thereby facilitating the release of the bound phero-
mones. SNMP1 next transfers the pheromone molecules to the adjacent PR-Orco 
complex, leading to its activation, cation influx, and initiation of downstream signal 
transduction [29].

In moths, the transduction of sex pheromone signals mediated by odorant recep-
tors (ORs) also involves a G protein-coupled signaling cascade. Upon pheromone 
stimulation, antennal neurons exhibit elevated levels of inositol 1,4,5-trisphosphate 
(IP3) and generate electrophysiological responses. Activation of G proteins by phero-
mones initiates a signaling pathway involving β-type phospholipase C (PLC), which 
catalyzes the hydrolysis of phosphatidylinositol 4,5-bisphosphate (PIP2) into IP3 and 
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diacylglycerol (DAG). The increase in IP3 activates cation channels on the membrane 
of OSNs, resulting in a Ca2+-dependent inward current [30]. Concurrently, the accu-
mulation of DAG activates protein kinase C (PKC), which in turn activates additional 
cation channels, including the Orco non-selective cation channel, thereby generating 
a sustained inward current [30]. This signaling cascade amplifies the sensitivity of 
male moths to sex pheromones, ensuring effective detection even at extremely low 
pheromone concentrations in the environment and enabling precise localization of 
conspecific females.

2.3 Gustatory perception mechanism

Insect feeding behavior depends on the integrated effects of gustatory and 
mechanical stimuli. For gustatory receptors (GRs) to respond to taste cues, direct 
contact with the substrate is required to encode mechanical information. In 
Lepidoptera, each of the two pairs of styloconic sensilla located on the maxillary galea 
contains four gustatory receptor neurons (GRNs). Some of these GRNs are tuned 
to detect feeding stimulants present in plant sap, while others respond to feeding 
deterrents. Gustatory signals are integrated and evaluated by the central nervous 
system, ultimately influencing host plant selection and feeding behavior [31, 32]. In 
the silkworm (B. mori), for instance, the four GRNs in the lateral styloconic sensillum 
are responsive to sucrose, myo-inositol, fructose, and salts, respectively. The GRNs 
in the medial styloconic sensillum detect deterrents, water, salts, and acids. Upon 
stimulation, interactions among neural impulses generated by these GRNs collec-
tively determine feeding behavior [33, 34]. A recent study employing the silkworm-
mulberry feeding model investigated the neural mechanisms underlying host plant 
recognition, proposing a “dual-factor host recognition mechanism” [35]. According to 
this model, the initial step of feeding is mediated by the maxillary palps (MP), which 
serves as highly sensitive chemosensory organs. During palpation of the leaf margin, 
the MP detects trace amounts of specific compounds, allowing pre-ingestive host 
plant recognition [36–38]. In B. mori, GRNs in the MP are highly sensitive to three 
key compounds found in mulberry leaves: isoquercitrin, β-sitosterol, and chlorogenic 
acid. Only when all three compounds are detected in combination does the silkworm 
initiate biting behavior. In the subsequent feeding phase, the maxillary galea—char-
acterized by lower sensitivity—primarily detects sucrose in the sap exuding from 
damaged leaf tissue, facilitating sustained feeding [35].

The binding of ligands to their corresponding receptors initiates signal transduc-
tion. In the tobacco hornworm (Manduca sexta) larvae, for instance, the eight pairs 
of GRs cells located on the mouthparts exhibit distinct response profiles. Temporal 
coding within the peripheral gustatory system allows for coordinated recognition of 
bitter compounds, such as salicin, caffeine, and aristolochic acid, by three pairs of 
bitter-sensitive cells distributed across the medial styloconic sensilla, lateral stylo-
conic sensilla, and epipharyngeal sensilla [39]. The CNS is capable of discriminating 
gustatory inputs arising from different signaling pathways within the same GR cell 
[40]. For example, 10 mmol/L myo-inositol has been shown to counteract the inhibi-
tory effects of 10 mmol/L caffeine [40]. Within the CNS, excitatory and inhibitory 
inputs are integrated and transmitted as electrical signals to the brain, ultimately 
influencing feeding decisions in lepidopteran insects.

It is important to note that insect taste signal transduction—at least in the case of 
fructose sensing—operates via direct activation of ionotropic receptors, rather than 
through the traditional G protein-coupled receptor (GPCR) pathways. One of the 
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well-understood mechanisms of GR functioning is an influx of extracellular Ca2+ ions 
through cation-gated channels (Figure 1D and F). This influx generates the depolar-
ization of the dendritic ends of a GRN, and thus, the signal is generated. BmGr9 and 
HarmGr4, both specific to D-fructose, show this specific type of downstream signal-
ing [41, 42]. This represents a paradigm shift in our understanding of insect gusta-
tion, aligning the mechanism more closely with ligand-gated ion channel signaling, 
similar to that observed in insect olfactory receptors.

3.  Function of chemosensory receptors in Lepidoptera

3.1 Function of olfactory receptors

During odorant recognition in insects, the peripheral olfactory system binds and 
transports odorant molecules, triggering the generation, transmission, and integra-
tion of electrical signals. These signals are conveyed via axons to the central nervous 
system, ultimately eliciting behavioral responses to environmental stimuli. This 
intricate recognition process is mediated by the coordinated action of various olfac-
tion-related proteins, including odorant binding proteins (OBPs), odorant receptors 
(ORs), ionotropic receptors (IRs), chemosensory proteins (CSPs), odorant-degrading 
enzymes (ODEs), and sensory neuron membrane proteins (SNMPs).

3.1.1 Odorant-binding protein

Once odorant molecules enter the sensillum lymph of the olfactory sensilla, 
odorant-binding proteins (OBPs) are the first to interact with and bind the molecules 
for recognition. Serving as carriers, OBPs transport the odorants to the surface of the 
olfactory receptors [43]. Typically, OBPs are small, soluble proteins with a molecular 
weight ranging from 12 to 20 kDa [44], synthesized by supporting cells and secreted 
into the sensillum lymph. In Lepidoptera, OBPs are functionally and structurally 
categorized into four types: pheromone-binding proteins (PBPs), general odorant-
binding proteins (GOBPs), antennal binding proteins x (ABPx), and other OBPs [45].

Pheromone-binding proteins (PBPs) primarily function to bind and transport 
female sex pheromone components. These proteins are predominantly male-specific 
or highly expressed in the antennae [45–48]. Structural analysis of OfurPBP2 from 
the Asian corn borer Ostrinia furnacalis revealed that, under acidic conditions, a sev-
enth α-helix is formed, which facilitates the displacement and release of small ligands 
from the binding pocket [49]. Similarly, the three-dimensional structure of EposPBP3, 
a PBP from the tortricid moth Epiphyas postvittana, demonstrated its ability to bind 
two major sex pheromone components [50]. Most moth species possess at least three 
PBP genes, which differ in both function and importance in pheromone detection. 
In the fall webworm Hyphantria cunea, the three identified PBPs—HcunPBP1, 
HcunPBP2, and HcunPBP3—exhibit significantly higher binding affinities for 
aldehyde pheromone components than those for epoxide components [51]. Some 
Lepidopteran species possess four to five PBP genes [52]. TintPBP4 was found to be 
highly expressed in male moths and binds strongly to sex pheromone components 
in Tryporyza intacta [53]. These findings collectively suggest that PBPs generally 
contribute to the specific recognition of various sex pheromone components and play 
essential roles in pheromone perception. Nevertheless, the functional differentiation 
among PBPs and their potential interactions remain to be fully elucidated.
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Lepidopteran insects possess two general odorant binding protein (GOBP) genes 
that are highly conserved across species. These genes were first identified in olfac-
tory sensilla responsible for detecting plant volatiles and are therefore thought to 
play a key role in host plant odor perception [54]. In vitro ligand-binding assays have 
demonstrated that MvitGOBP1 and MvitGOBP2 from Maruca vitrata are capable of 
binding to 17 plant-derived volatile compounds include butyl butyrate [55]. Similarly, 
SlitGOBP2 from Spodoptera litura shows high binding affinity to volatile compounds 
such as nerolidol [56]. In addition to their role in plant volatile detection, GOBPs, 
particularly GOBP2, have also been shown to bind sex pheromone components in 
various moth species, suggesting their potential involvement in pheromone percep-
tion. Collectively, these findings suggest that OBPs in Lepidoptera are primarily 
involved in odor detection, while also contributing to other physiological functions, 
such as development, insecticide response, and resistance formation.

3.1.2 Odorant receptor

Odorant receptors (ORs) are capable of specifically recognizing odor molecules and 
converting their chemical signals into electrophysiological signals through selective ion 
channels. These receptors are considered key components in the olfactory signal trans-
duction pathway [57]. ORs are expressed in olfactory sensory neurons (OSNs), typically 
consist of 400–450 amino acids, and contain seven transmembrane domains. In insects, 
ORs are structurally categorized into two types: the odorant receptor co-receptor 
(Orco), which is highly conserved and broadly expressed across species, and the 
conventional odorant receptors (ORx), which are highly diverse and species-specific. 
Orco and ORx are usually co-expressed in the same OSN and can form a heteromeric 
complex (ORx-Orco) via a conserved C-terminal domain, functioning as a ligand-gated 
ion channel [26, 27, 58, 59]. In Lepidoptera, ORs can be functionally divided into phero-
mone receptors (PRs), which primarily detect sex pheromone components, and general 
odorant receptors, which are responsible for the detection of plant volatiles.

The odorant receptor co-receptor (Orco) is highly conserved across diverse insect 
species, and typically, only a single Orco gene is present in the genome of a given 
insect [60]. Functional studies in various Lepidopteran species have demonstrated 
that Orco knockout results in a complete loss of olfactory function. In Helicoverpa 
armigera, CRISPR-Cas9-mediated disruption of Orco abolished electrophysiological 
responses to sex pheromones and numerous host plant volatiles, suggesting that Orco-
dependent olfactory signaling is essential for pheromone communication, oviposition 
site selection, and host-seeking behavior in this species [61]. Similar results have been 
observed in Spodoptera frugiperda, where Orco knockout males failed to respond to sex 
pheromones and were incapable of successful mating. Furthermore, mutant females 
exhibited a marked reduction in attraction to their host plant, maize, and larvae 
showed significantly impaired ability to locate food sources [62].

Pheromone receptors (PRs) play a crucial role in the specific recognition of sex 
pheromones. Typically, pheromone-sensitive OSNs express only a single, highly 
specific PR [63]. Studies in moths have demonstrated that PRs responsible for detect-
ing Type I sex pheromones form a distinct clade within the order Lepidoptera [64]. 
Most lepidopteran species possess multiple PR genes, each exhibiting a narrow tuning 
range, usually responding to only one or two pheromone components. Functional 
analyses further support the involvement of PRs in pheromone detection. For 
instance, knockout of the HvirOR14 gene in Heliothis virescens did not affect mating 
rate or electrophysiological responses but resulted in prolonged mating duration [65]. 



Advances in Entomology

26

In Spodoptera littoralis, disruption of the SlitOR5 gene abolished male electrophysi-
ological responses to the major pheromone component [66].

3.1.3 Ionotropic receptor

A class of receptor genes homologous to ionotropic glutamate receptors (iGluRs), 
termed ionotropic receptors (IRs), has been identified in the odor-sensitive anten-
nal olfactory sensory neurons (OSNs) of Drosophila melanogaster. Notably, these 
IRs are expressed in OSNs distinct from those expressing odorant receptors (ORs) 
[67]. IRs have been shown to mediate the detection of various odorants, including 
phenylacetaldehyde, amines, and acids, and are also involved in thermosensation and 
hygrosensation. IRs can be broadly categorized into two subfamilies: divergent IRs 
and antennal IRs. Divergent IRs exhibit low sequence conservation across species, 
suggesting species-specific functions, whereas antennal IRs are more evolutionarily 
conserved and are likely present in all insect taxa. Among these, only the antennal 
IRs are relatively conserved within Diptera and Hymenoptera. To date, IRs have been 
identified in several insect orders, including Lepidoptera, Diptera, and Coleoptera.

In recent years, functional studies of IRs in Lepidoptera have begun to emerge. 
For instance, knockout of MsIR8a in the tobacco hornworm (M. sexta) resulted in 
a diminished avoidance response by females to fecal odor volatiles, indicating that 
MsIR8a plays an essential role in feces-avoidance oviposition behavior, which is criti-
cal for minimizing interspecific competition [68]. Similarly, deletion of HarmIR8a in 
the cotton bollworm led to a significant reduction or complete loss of acid sensitivity, 
suggesting that HarmIR8a is involved in mediating the detection of short-chain car-
boxylic acids and acetic acid that are attractive to this species [69]. In the turnip moth 
(Agrotis segetum), AsIR75p.1 and AsIR75q.1 have been shown to respond specifically to 
hexanoic acid and octanoic acid, respectively [70]. Our recent study further revealed 
that HcIR68a responds to environmental temperature fluctuations and transmits 
thermal signals, leading to the expression of capability peptides in H. cunea larvae 
[71]. Collectively, these findings indicate that research on IR functions in Lepidoptera 
is still in its early stages. To date, only a limited number of antennal IRs have been 
functionally characterized, and the roles of many other highly expressed antennal IR 
genes are yet to be elucidated.

3.1.4 Chemosensory protein

Chemosensory proteins (CSPs) represent a class of soluble proteins initially iden-
tified in the antennae of D. melanogaster, characterized by structural and functional 
properties distinct from those of OBPs [72]. These proteins are implicated in the 
detection of chemical stimuli and are abundantly expressed in the sensillar lymph of 
chemosensory organs, functioning analogously to OBPs. CSPs are expressed not only 
in chemosensory tissues but also in a variety of non-chemosensory organs, suggesting 
multifunctional roles beyond olfaction [73]. Certain CSPs are specifically expressed 
in the antennae and have been shown to bind plant volatiles and pheromonal com-
pounds [74]. Others are highly expressed in non-olfactory tissues such as legs, thorax, 
abdomen, wings, and female reproductive glands [75]. Antennal-enriched CSPs 
are widely considered to be involved in odorant recognition. For example, SiCSP19 
from Sesamia inferens binds strongly to six plant volatiles and three sex pheromone 
components or analogs, indicating its dual role in the detection of female sex phero-
mones and host plant cues [76]. Similarly, HarmCSP6 from H. armigera is believed to 
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participate in female pheromone detection [77]. In addition to chemosensory func-
tions, CSPs have been implicated in the immune response and resistance mechanisms 
to insecticides in Lepidoptera. In B. mori, the expression levels of several CSP genes 
were significantly upregulated following exposure to abamectin [78]. Likewise, treat-
ment with λ-cyhalothrin resulted in time-dependent changes in CsCSP expression in 
both male and female Conopomorpha sinensis adults [79], suggesting a potential role 
for CSPs in insecticide metabolism and resistance. In summary, CSPs in Lepidopteran 
species exhibit multi-functionality, playing critical roles in olfactory perception and 
participating in a range of physiological processes.

3.1.5 Odorant-degrading enzyme

The first odorant-degrading enzyme (ODE) was identified in 1981 in the giant silk 
moth Antheraea polyphemus, where it was found to be highly expressed in the male 
antennae [80]. Subsequent studies revealed that ApolPDE is a carboxylesterase gene 
and accordingly classified it as a pheromone-degrading enzyme (PDE). In recent 
years, carboxylesterases (CXEs) in moths have been shown to exhibit distinct substrate 
degradation profiles. Individual esterases are capable of degrading both long-chain 
ester-type pheromone components and short-chain plant volatiles, typically displaying 
higher affinity for long-chain esters and faster catalytic efficiency for short-chain esters 
[81–83]. Furthermore, multiple ODE genes have been identified within a single species. 
In the diamondback moth (Plutella xylostella), for instance, two carboxyl/cholinester-
ases (PxylCCE16a and PxylCCE16c) are highly expressed in female antennae and are 
capable of degrading both acetate-type pheromone components and various ester-type 
plant volatiles, with a stronger affinity toward pheromone substrates [84, 85]. In the 
oriental fruit moth (Grapholita molesta), knockdown of four antennal-expressed CXE 
genes (GmolCXE1, GmolCXE5, GmolCXE14, and GmolCXE21) resulted in significantly 
reduced behavioral responses to ester-type pheromones and host plant volatiles [86].

Aldehyde oxidases (AOXs) are a class of enzymes that catalyze the oxidation of 
aldehydes to their corresponding carboxylic acids. Together with xanthine oxidore-
ductases (XORs), they comprise the molybdo-flavoenzyme (MFE) family [87]. In 
the diamondback moth (Plutella xylostella), an aldehyde oxidase (PxylAOX3) highly 
expressed in the antennae has been shown to oxidize aldehyde sex pheromones and 
their analogs, plant-derived aldehyde volatiles, and aldehyde-containing pesticides 
[85]. Similarly, in the greater wax moth (Galleria mellonella), GmelAOX plays a criti-
cal role in the metabolism of aldehyde odorant signal [88].

Cytochrome P450 enzymes are among the most critical detoxification enzymes in 
living organisms. The high expression levels of certain P450 members in the antennae 
suggest that they play an important role in the inactivation and clearance of odor-
ant signals [89, 90]. However, P450 enzymes are intracellular and anchored to the 
membrane of the endoplasmic reticulum, indicating that they can degrade odorant 
molecules only after these compounds have entered the cell [91]. Consequently, their 
influence on olfactory sensitivity is likely indirect, potentially serving to protect 
membrane-bound receptors or to maintain normal cellular and physiological func-
tions by metabolizing toxic substances that penetrate the cell.

3.1.6 Sensory membrane protein

Sensory neuron membrane protein (SNMP) was initially identified as an antenna-
specific protein expressed in pheromone-sensitive olfactory sensory neurons (OSNs) 
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of the Lepidopteran moth Antheraea polyphemus [92]. Lepidopteran species generally 
possess three SNMP genes. In A. polyphemus, SNMP1 is predicted to be a double 
transmembrane protein consisting of 519–525 amino acids with the post-translational 
modifications. It is initially synthesized as a 59 kDa polypeptide and processed into a 
69 kDa form, with transmembrane domains at both termini [93, 94].

In H. armigera, HarmSNMP1 is specifically expressed in adult antennae, whereas 
HarmSNMP2 shows broad expression across adult antennae, tarsi, larval antennae, 
and mouthparts. HarmSNMP3 is specifically expressed in the larval midgut. The 
expression levels of HarmSNMP2 and HarmSNMP3 vary significantly depending 
on the host plant species, indicating their roles in feeding behavior [95]. Notably, 
deletion of HarmSNMP1 abolishes male responsiveness to sex pheromones and 
significantly reduces mating success with wild-type females. HarmSNMP1 is specifi-
cally involved in detecting long-chain (C16) pheromones, but not short-chain (C14) 
pheromones or plant volatiles [96]. Similarly, knockdown of BmSNMP1 in B. mori 
led to impaired mating behavior, indicating a key role for SNMP1 in sex pheromone 
detection [97].

3.2 Function of gustatory receptors in lepidopteran

Lepidopteran insects exhibit diverse life history strategies, and gustatory receptors 
(GRs) play a pivotal role in mediating their feeding behaviors. GRs in Lepidoptera 
are closely associated with host plant specificity and can even determine the feeding 
preferences of these insects. Therefore, comprehensive analyses of Lepidopteran GRs 
are essential for understanding their functional roles in insect evolution and ecologi-
cal adaptation. Based on phylogenetic relationships and ligand specificity, GRs are 
categorized into four major subfamilies: sugar receptors, Gr43a-like receptors, bitter 
receptors, and CO2 receptors.

3.2.1 Sugar gustatory receptors

The function of sugar receptors in insects has been extensively studied in D. 
melanogaster. Dahanukar et al. generated a Gr5a-deficient mutant line and demon-
strated that this strain exhibited a complete loss of both electrophysiological and 
behavioral responses to trehalose, while responses to sucrose remained unaffected 
[98]. These results indicate that Gr5a is specifically involved in trehalose perception 
but not in sucrose detection. Subsequent studies revealed that DmGr64a is implicated 
in the perception of sucrose and maltotriose [99]. Furthermore, Jiao et al. showed 
that DmGr64f can functionally interact with DmGr5a to mediate trehalose detec-
tion and with DmGr64a to mediate sucrose detection. These findings suggest that 
the recognition of sugars such as sucrose in D. melanogaster requires the coordinated 
activity of multiple gustatory receptors (GRs) [100]. Fujii et al. further demonstrated 
that different sugar-sensitive sensilla in D. melanogaster express distinct combinations 
of sugar receptors, including DmGr5a, DmGr61a, DmGr64a, DmGr64b, DmGr64c, 
DmGr64d, DmGr64e, and DmGr64f. These receptors play essential roles and are 
expressed in diverse combinations across various types of sugar-sensing sensilla, 
enabling the detection of a wide range of sugar molecules [101].

To date, research on GRs in Lepidoptera remains limited. While the expression 
profiles of some GRs have been characterized, their physiological functions are still 
largely unexplored. BmGr4 has been identified as a receptor for sucrose and glucose, 
and it may serve as a chemosensor for nutritional compounds in both the midgut and 
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brain [102]. BmGr6 and BmGr9 were found to be co-localized with neuronal cells in 
the brain, suggesting a potential role for BmGr6 in the regulation of feeding behavior 
in B. mori larva [103]. Additionally, BmGr6 has been implicated in the secretion of 
Bommo-myosuppressin (BMS), a neuropeptide that may influence feeding behavior 
[104]. In H. armigera, HarmGr10 is primarily utilized by larvae to detect low concen-
trations of sucrose, whereas HarmGr6 is predominantly used by adults to sense higher 
concentrations of sucrose and other saccharides. These differences likely underlie 
the observed variation in sugar selectivity and sensitivity between larval and adult 
sensory neurons [105].

3.2.2 Gr43a-like gustatory receptors

Miyamoto et al. reported that D. melanogaster Gr43a (DmGr43a) is specifically 
tuned to fructose [106]. This receptor is also expressed in the brain, where it modu-
lates feeding behavior in starved flies. Fructose receptors in Lepidoptera were initially 
identified based on sequence similarity to DmGr43a [107]. Functional analyses 
demonstrated that when B. mori Gr9 (BmGr9) was heterologously expressed in 
Xenopus oocytes and HEK293T cells, fructose elicited extracellular calcium influx 
and non-selective cation currents, confirming that fructose serves as a ligand for 
BmGr [41]. Since then, fructose-responsive gustatory receptors (GRs) have been 
identified in several other insect species, including HarmGr4 in H. armigera [42, 108], 
PxGr43a-1 in P. xylostella [96], SlitGr8 in Spodoptera litura [109], and HcGr76 in 
Hyphantria cunea [110]. These receptors are orthologous to DmGr43a and are directly 
tuned to fructose without the need to form heteromeric complexes with other GRs. 
Notably, HcGr76 is also expressed in the larval midgut, where it plays a role in detect-
ing dietary components and regulating the expression of peptide hormones involved 
in metabolic processes [110].

Phylogenetic analysis further supports that fructose-responsive GRs across insect 
species cluster within a single evolutionary branch, suggesting a high degree of 
conservation in both sequence and function. In B. mori, BmGr8 and BmGr10 have 
been shown to respond to inositol [111, 112]. Recent findings also indicated that some 
GRs within the sugar receptor clade can detect specific plant secondary metabolites. 
For instance, BmGr6 and BmGr9 respond not only to high concentrations of sucrose, 
glucose, and fructose, but also exhibit pronounced sensitivity to chlorogenic acid and 
isoquercitrin—two feeding stimulants in B. mori [113].

3.2.3 Bitter gustatory receptors

Functional studies on insect bitter taste receptors have predominantly focused 
on D. melanogaster. In this species, five gustatory receptors—DmGr47a, DmGr32a, 
DmGr33a, DmGr66a, and DmGr22e—are involved in the detection of strych-
nine [114–117]. Nicotine perception is mediated by DmGr10a, DmGr32a, and 
DmGr33a, while canavanine is detected by DmGr8a, DmGr66a, and DmGr98b 
[118]. Furthermore, DmGr33a, DmGr66a, and DmGr93a are responsible for sensing 
caffeine and umbelliferone [119–121], and DmGr28b contributes to the detection of 
saponin [122].

Numerous GRs have been identified in Lepidopteran insects, with the majority 
functioning as bitter receptors. Functional studies of these receptors are rapidly 
increasing. Unlike in Drosophila, a single Lepidopteran bitter GR can form a func-
tional receptor in heterologous expression systems [41]. To date, no clear classification 



Advances in Entomology

30

of broadly versus narrowly tuned bitter GRs has been established in Lepidoptera, 
although several receptors are capable of recognizing multiple bitter compounds. For 
example, RNAi-mediated knockdown of PxutGr1 in the citrus swallowtail (Papilio 
xuthus) significantly reduced electrophysiological responses of specific tarsal sensilla 
to synephrine, as well as the oviposition preference for this compound [123]. In 
the silkworm, CRISPR-Cas9-mediated knockout of BmGr66 abolished the insect’s 
specific feeding behavior toward mulberry leaves [124]. Other silkworm GRs have 
also been functionally characterized: BmGr16 and BmGr53 respond to caffeine and 
coumarin, while BmGr18 is involved in the detection of caffeine, pilocarpine, and 
coumarin [125]. BmGr63 responds to the feeding stimulant isoquercetin [126], 
and BmGr67 is activated by berberine [127]. In the diamondback moth (P. xylostella), 
PxylGr34 has been shown to detect the plant hormone brassinolide and its analog 
24-epi-brassinolide [128]. In the cabbage white butterfly (Pieris rapae), PrapGr28 
is tuned to sinigrin, a characteristic glucosinolate of cruciferous plants [129]. In H. 
armigera, HarmGr180 mediates the detection of coumarin, sinigrin, and strychnine 
[130]. Additionally, in the fall webworm (H. cunea), HcGr148 has been found to 
respond to quinine, a plant-derived feeding deterrent [131].

The diversification of GR families is closely linked to insect ecological niches 
and adaptive capacities. In many Lepidopteran species, bitter GRs have undergone 
extensive gene family expansion. For example, 55 bitter GRs resulting from a single 
lineage-specific expansion have been identified in the silkworm genome [107, 132]. In 
other lepidopteran pests such as H. armigera, Spodoptera frugiperda, and Spodoptera 
exigua, over 200 GRs have been reported. These receptors are potentially involved 
in regulating feeding behaviors and oviposition preferences [42, 109]. In Heliconius 
melpomene, 73 GRs have been identified, the majority of which arose from duplica-
tions of a common ancestral gene and are undergoing rapid gene family evolution 
[133]. Tandem duplications of GRs are widely observed across Lepidoptera, and the 
expansion in gene number may correlate with the diversification of angiosperms. 
This gene expansion likely facilitates the detection of host plant attractants and toxic 
secondary metabolites, thereby enhancing insect adaptability to a variety of host 
plants [134, 135].

3.2.4 CO2 receptors

Carbon dioxide (CO2) plays a significant role in the foraging behavior of both 
larval and adult Lepidoptera. For instance, larvae of the H. armigera exhibit a prefer-
ence for food sources with elevated CO2 levels [136]. Similarly, larvae of the lesser 
cornstalk borer (Elasmopalpus lignosellus) are attracted to CO2 when locating food 
resources [137]. Many lepidopteran species feed on floral nectar, and it has been 
suggested that flowers emit relatively high concentrations of CO2, which visiting 
insects may use as a foraging cue to locate nectar-rich blooms [138, 139]. In addition 
to foraging, CO2 also influences reproductive behaviors. In nocturnal moths such as 
the cactus moth (Cactoblastis cactorum), oviposition behavior is modulated by CO2 
cues [140, 141]. Elevated CO2 concentrations in the environment of its host plant, 
Opuntia stricta, significantly reduce the number of eggs laid on the cactus, highlight-
ing the importance of CO2 as an oviposition signal [142]. Similar findings have been 
reported in the tobacco hawkmoth, where increased CO2 levels around host plants 
result in reduced oviposition by females [143]. Moreover, high CO2 concentrations can 
interfere with the perception of sex pheromones in H. armigera, potentially impacting 
mating behaviors [144].
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Significant progress has been made in understanding the mechanisms underlying 
CO2 detection in insects since the first identification of CO2 receptors in Drosophila 
in 2007 [145]. These advances have primarily focused on identifying of CO2 receptor 
genes across diverse insect species, functionally characterizing these receptors, and 
mapping of the neural projection pathways of CO2-sensitive neurons in the brain. In 
Lepidopteran insects, including H. armigera [146–148], Mythimna separata [149, 150], 
H. assulta [150, 151], M. sexta [152], and B. mori [107], three CO2 receptor genes—
GR1, GR2, and GR3—have been identified. In these species, CO2-sensitive receptor 
neurons are predominantly localized within a specialized sensory structure known as 
the labial-palp pit organ (LPO).

Compared to Drosophila and mosquitoes, the functional characterization of 
CO2 receptors in other insect species remains limited. In H. armigera, three puta-
tive CO2 receptor genes—HarmGR1, HarmGR2, and HarmGR3—were individually 
expressed in Sf9 cells. Calcium imaging analysis revealed that only cells express-
ing HarmGR3 exhibited a significant response to sodium bicarbonate solution 
[148]. In a subsequent study, the three receptors were expressed either individu-
ally or in various combinations (HarmGR1 + HarmGR2, HarmGR1 + HarmGR3, 
HarmGR2 + HarmGR3, and HarmGR1 + HarmGR2 + HarmGR3) in Xenopus 
oocytes. Two-electrode voltage clamp recordings demonstrated that a detect-
able response to sodium bicarbonate solution occurred only when HarmGR1 
and HarmGR3 were co-expressed [153]. These findings suggest that the in vitro 
functionality of CO2 receptor genes in H. armigera remains controversial. When 
RNA interference (RNAi) was used to individually knock down three CO2 receptor 
genes—DvvGR1, DvvGR2, and DvvGR3—in the western corn rootworm (Diabrotica 
virgifera), behavioral assays revealed that DvvGR2 plays a critical role in larval 
orientation toward CO2 [154].

4.  Methodology for chemosensory receptor function

Methods for investigating the functions of chemosensory receptors are generally 
conducted using both in vitro and in vivo approaches. In vitro studies typically utilize 
heterologous expression systems using various cell lines, including HEK293 cells, 
insect Sf9 cells, and Xenopus laevis oocytes. Among these, the Xenopus oocyte expres-
sion system is the most widely used and well-established method in entomological 
research [41, 155]. In vivo studies commonly employ electrophysiological techniques 
or genetic tools such as the GAL4-UAS transgenic Drosophila empty neuron system, 
CRISPR-Cas9, and RNA interference (RNAi). Notably, the transgenic Drosophila 
empty neuron system has become a prevalent approach for functional characteriza-
tion of chemosensory receptors [156–158].

4.1 Ca2+ imaging

Ca2+ imaging has been proven to be a valuable tool in the identification of recep-
tors and their corresponding ligands [41, 112]. This approach involves heterologous 
expression of the receptor of interest in a suitable cell line, followed by stimulation 
with exogenous compounds. Activation of the receptor by a ligand typically triggers 
calcium influx from the extracellular space into the cytoplasm, raising intracel-
lular calcium concentration. This change can be detected using calcium indicators, 
which have both a high affinity for calcium ions and fluorescent properties. Since 
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the fluorescence intensity of these indicators is directly correlated with intracellular 
calcium levels, this method enables the effective characterization of receptor-ligand 
interactions.

4.2 Two-electrode voltage-clamp in Xenopus laevis oocytes

The Xenopus laevis oocyte expression system enables the functional character-
ization of target olfactory receptors by heterologous-expressing receptor genes 
in oocytes and measuring compound-induced membrane current changes using 
two-electrode voltage clamp (TEVC) recording. This approach has been widely 
applied to investigate the ligand-binding properties of olfactory receptors in insects 
from several orders, including Diptera, Coleoptera, Lepidoptera, and Hymenoptera 
[155, 159, 160]. Owing to its operational simplicity and high efficiency, this sys-
tem is well-suited for high-throughput screening of receptor-ligand interactions. 
However, as ligand compounds are applied in solution rather than via natural odor 
delivery routes, the system does not fully replicate the physiological conditions 
of the insect olfactory environment, which may result in false positives in certain 
circumstances [59].

4.3 Electrophysiological recording

Electrophysiological assays are widely employed in studies of insect che-
mosensation. Chemosensory processes, including both olfactory and gustatory 
perception, involve the conversion of chemical stimuli into electrical signals. This 
signal transduction is typically accompanied by transmembrane ion fluxes, both 
intracellular and extracellular. Electrophysiology utilizes specialized electrical 
devices to detect and amplify these ionic signals, rendering them in a visualized 
format. Electrophysiological recordings are generally categorized into in vivo and 
in vitro approaches. In the context of gustatory research, in vivo techniques, such as 
tip recording and single sensillum recording (SSR), are commonly used to measure 
neural responses of insects to various metabolites. In a typical setup, the insect’s head 
is excised, and one end of a reference silver electrode is inserted into the head capsule, 
with the other end connected to an amplifier, which is in turn linked to a data acquisi-
tion system. The glass recording electrode, filled with the test solution, is brought 
into contact with gustatory sensilla. Upon stimulation, gustatory receptor neurons 
(GRNs) generate electrical signals, which are processed and displayed as visible spike 
patterns. These recordings allow for the evaluation of gustatory receptor sensitivity to 
specific chemical compounds [113, 161, 162].

4.4 Drosophila empty neuron

The Drosophila empty neuron system employs the GAL4-UAS binary expression 
system to ectopically express target chemosensory receptor genes in specific olfac-
tory sensory neurons. This allows for functional characterization of the receptors 
via single sensillum recording (SSR), enabling precise analysis of neuronal response 
profiles [59, 156]. Because Drosophila olfactory sensilla provide the necessary cel-
lular environment and cofactors for olfactory signal transduction, this heterologous 
expression system offers a physiologically relevant context. Moreover, it can be readily 
integrated with behavioral assays, thereby providing a robust and intuitive platform 
for elucidating the in vivo function of candidate olfactory receptors.
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5.  Conclusion

Insects employ highly specialized chemosensory receptors to detect host-derived 
chemical cues, including extremely low concentrations of signals such as sex phero-
mones, thereby facilitating critical behaviors such as foraging, mating, oviposition, 
habitat selection, and host localization. Recent advances in the study of the molecular 
mechanisms underlying insect chemosensation have significantly enhanced our 
understanding of the chemosensory neural perception systems in insects. Lepidoptera 
represents one of the most diverse orders within the insect kingdom, comprising over 
160,000 described species. Notably, Lepidopteran insects account for more than 70% 
of storage, agricultural, and forestry pests globally. The widespread and increasing 
resistance of these pests to conventional insecticides underscores the urgent need for 
the development of novel, environmentally sustainable pest management strategies. 
With the continuous development of innovative genetic manipulation technolo-
gies and analytical methods, knowledge of chemosensory systems, particularly in 
Lepidopteran species, is becoming increasingly comprehensive.

The application of chemosensory principles is anticipated to play an increasingly 
vital role in the development of novel strategies for pest management. Despite these 
advances, the functional characterization of numerous chemoreceptors in non-model 
insect species, particularly major agricultural pests beyond Drosophila, remains 
largely incomplete. In many cases, the functions of chemosensory receptors are still 
unknown. Pheromone-based strategies leveraging insect olfactory mechanisms 
have demonstrated considerable efficacy in pest monitoring and control. However, 
the potential utility of feeding and oviposition stimulants or deterrents—based on 
gustatory mechanisms—has yet to be fully explored and assessed. Looking ahead, it 
is essential to further strengthen research on the chemical communication between 
Lepidopteran insects and their environment, as well as their interactions with plant-
derived information. A deeper investigation into the fundamental nature of insect 
behavioral responses will facilitate practical applications and open new avenues for 
the development of insect behavior-modulating agents.

By generating large-scale genomic and transcriptomic datasets, we can systemati-
cally compare the gene families, expression patterns, and functions of chemosensory 
receptors across different insect species, thereby revealing the functional diversity 
and evolutionary trajectories of these systems. Overall, advancing our understanding 
of chemosensory system and associated receptors not only sheds light on the mecha-
nisms underlying chemical communication and host recognition and selection in 
insects but also provides critical insights into the broader mechanisms driving insect 
behavior and the evolutionary processes of chemosensation.
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Chapter 3

Sprayable Sex Pheromones for 
Codling Moth: Waiting for Grower 
Adoption
Alan Lee Knight, Esteban Basoalto and Michele Preti

Abstract

Microencapsulated (MEC) formulations for mating disruption (MD) for codling 
moth, Cydia pomonella (L.), were developed to cover the entire crop canopy using air 
blast sprayers, saving growers $$ from the increasing labor costs applying dispens-
ers. Treating orchards with MEC sprays only when pest densities exceed thresholds 
provide growers greater flexibility than dispensers. However, early research suggested 
that MECs did not disrupt male catch as well as dispensers and were less effective 
under higher pest pressures. The development of low volume MEC applications 
proved this was incorrect. A new MEC formulation with much smaller microcapsules 
was registered in 2019 and provides greater rainfastness and longevity. Dissections 
of female codling moths shows the new MEC performs as well or better than hand-
applied dispensers. Combined MEC + dispenser programs further improved the 
effectiveness of codling moth MD.

Keywords: microencapsulation, Cydia pomonella, Grapholita molesta, pear ester, 
mating disruption

1.  Introduction

The era of sex pheromone-based mating disruption (MD) for agricultural pests 
began nearly 60 years ago [1]. Researchers quickly considered the advantages in treat-
ing large fields with sprayable materials [2]. Unfortunately, specialized equipment 
was necessary to apply these formulations (hollow fibers and laminated flakes), and 
this slowed early adoption of MD [3, 4]. The same issue continued to limit adoption of 
sprayable materials (wax-based drops) later even while hand-applied MD technolo-
gies were being widely adopted [5, 6].

The development of microencapsulated (MEC) formulations compatible with 
standard air blast sprayers and in tank mixes with other materials was seen as a 
promising approach [7]. Microcapsules can be created via several processes with 
coacervation-phase separation, the most common [8, 9]. The formulation goal is to 
keep capsules intact and to have a flat first-order release over an extended period [10]. 
Chemists can adjust a suite of factors to create capsules with different properties, and 
these are generally kept confidential [11]. The first use of microencapsulation of a 
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sex pheromone was reported with gypsy moth, Lymantria dispar (L.) (Lepidoptera: 
Erebidae), [12]. Only a few companies have pursued the development of microencap-
sulated formulations. Consep Membrane Inc. (Suterra Inc.) initiated CheckMate® 
flowables in 1997 [13], and 3 M developed products beginning in 1999 [14]. 3 M 
discontinued their support for this technology in 2006. Trécé Inc. developed a new 
MEC technology (CIDETRAK® MEC™) in 2016. Future formulations may include 
the use of nanoparticles [15].

2.  Background

Commercial development of MEC formulations has primarily included two tortricid 
pests of tree fruits, codling moth (CM), Cydia pomonella (L.) and oriental fruit moth 
(OFM), Grapholita molesta (Busck) (Lepidoptera: Tortricidae). Mating disruption is 
a widely used tactic to manage these pests [6]. Only a few studies with MEC products 
have been reported with other tortricids: Sparganothis sulfureana Clemens, in blueber-
ries [16], Eupoecilia ambiguella (Hübner) and Paralobesia viteana (Clemens) in grapes 
[17–19], and Argyrotaenia velutinana (Walker), and Choristoneura rosaceana (Harris) 
in pome fruits [20, 21]. Our review of published studies with CM includes both peer 
reviewed journal articles and various incomplete reports from scientists/grower meet-
ings or to commodity commissions.

All CM MEC products are loaded with codlemone (E,E)-8,10-dodecadien-1-ol 
[22]. The CheckMate® CM-F product is characterized as microbeads with 50–150 μm 
diameters [23]. The CheckMate® CM-F product is a 14.4% formulation and is 
registered at 10–20 g a.i. ha−1 per application. The 3 M-CM product was a 9% formu-
lation applied at 15–25 g a.i. ha−1. The capsule sizes of the various 3 M MEC products 
were never published. Trécé Inc. registered a sex pheromone formulation for CM 
MD (CIDETRAK® CM MEC™) and a formulation with pear ester, (2E,4Z)-ethyl-
2,4-decadienoate (CIDETRAK® DA MEC™) to enhance both CM larval and adult 
management [24, 25]. The CIDETRAK® CM MEC™ is a 7% formulation used at 
17.5–50 g a.i. ha−1 per application and limited to a total seasonal use of 370 g a.i. ha−1. 
The pear ester formulation is characterized as 25.9 × 104 microcapsules per mL with 
2–14 μm capsule diameters [26]. The CIDETRAK® DA MEC™ is a 5% formulation 
registered for use at 1.5–8.75 g a.i. ha−1 per application and not exceeding 8 applica-
tions and 12 g a.i. ha−1 per year.

2.1 Factors affecting the efficacy of MEC formulations

The goal of MEC applications is to deposit and retain as many microcapsules for 
as long as possible throughout the canopy. This is somewhat different than the typical 
complete coverage required with most pesticides. Thus, MEC sprays applied with 
traditional air blast sprayers can be targeted to specific locations within tree canopies 
by adjusting and turning off some nozzles. Lower spray volumes using custom spray-
ers have also been used to reduce labor costs.

2.1.1 Deposition, distribution, and retention

The clever use of a fluorescent dye made it possible to easily count the 
CheckMate® CM-F microbeads on leaves and examine differences between and 
among leaf surfaces within the canopy [27–29]. Similarly, staining of plant materials 
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was used to enhance the counting of the 3 M capsules [21, 30]. The impact of leaf sur-
faces, cultivars, and host crops were found to be significant factors impacting deposi-
tion [31]. The distribution of microcapsules was mapped, and the highest numbers 
were on the underside of leaves in the direct spray zone [27]. High levels of capsules 
were also deposited on the upper surface of leaves below the spray zone and on leaves 
in the canopy of trees in the next row. Low volume MEC applications with slower air 
speed increased the deposition of the CheckMate® products [28, 32]. Similar results 
were found for the 3 M-OFM microcapsules in stone fruit [30].

Retention of the microcapsules is another key concern with sprayable technology. 
Rainfall, overhead irrigation, and evaporative cooling used to reduce sunburn in apples 
are each important factors impacting retention. In the arid, western tree fruit produc-
tion areas of USA summer rain can be infrequent for several months and rain events 
are typically <1.5 cm. Interest in sprayable MD technology is likely lower in production 
regions characterized by greater and more frequent rainfall due to wash-off. The use 
of overhead irrigation in tree fruit today is rare having been replaced by more efficient 
under tree drip irrigation. However, the use of overhead water with micro sprinklers 
to cool the canopy in the later third of the growing season is common in the arid 
production regions [33]. Laboratory studies with simulated rainfall found an inverse 
relationship with the amount of water applied [32, 34]. Sloping leaves retained fewer 
microcapsules [23]. Overhead irrigation reduced the efficacy of the CheckMate® CM-F 
product in orchards [35]. Orchards with overhead versus under tree irrigation had 
nearly 3-fold higher moth catches and 2-fold higher levels of fruit injury (Table 1) [37].

To improve the deposition and retention of microcapsules most studies have 
included the use of stickers which have increased both deposition and retention [23, 39]. 
Different results have been reported. The use of the pine resin product (Nu-Film, Miller 
Chemical, Hanover, PA) improved the two OFM formulations but not the CM sprayable 
products [21]. Similarly, the use of a latex sticker did not increase the capsule deposition 
of a low-volume CM-F application [37].

2.1.2 Longevity

MEC capsules deposited in the orchard are exposed to variable temperatures and 
UV radiation during the season [40]. Pheromone emissions from capsules gener-
ally have a short burst followed by an extended first-order rate [11]. A portable 
electroantennogram was used to measure the longevity of 3 M-CM capsules in the 
field of only two weeks [41]. CheckMate® CM-F capsules remained effective under 
shade conditions and retained some activity even under direct sunlight for up to four 
weeks [42]. Particle films, such as kaolin clay, used for sunburn protection reduced 
the emission rates of CheckMate® flowable sprays by 22% [43]. Unfortunately, no 
study considered whether particle films could be used to either extend the retention 
of microcapsules or their longevity. However, the use of a 3 M sprayable formulation 
for the leafroller C. rosaceana combined with 2% horticultural oil slowed its emission 
rate and extended its effectiveness in disrupting virgin female-baited traps in both 
laboratory and field studies [44, 45]. Another approach to extend MEC effectiveness 
has been to apply lower rates of MEC more frequently [29].

2.1.3 Comparison of formulations

Evaluations of MEC formulations as well as other MD technologies have typi-
cally been measured by reductions in male catch in sex pheromone-baited traps and 
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levels of fruit/nut injury, either compared with an untreated control, a standard 
insecticide program, or against dispensers. Table 1 summarizes these trials of 3 M 
and CheckMate® products for CM in nine trials conducted from 1999 to 2006. The 
significance of data from several more incomplete data sets from reports will also be 
included in this comparison.

The earliest report with MEC used 3 M-CM at a high rate (100 g a.i. ha−1) 
(Table 1) [17]. This rate was cut in half in the first study with CheckMate® CM-F 
[32]. Subsequent studies with CM looked at further rate reductions and the standard 
rate became 25 g a.i. ha−1 [28, 36]. MEC programs either used one spray per genera-
tion or regular schedules of sprays spaced four weeks apart. However, both disruption 
and fruit injury were further improved with a 9-spray program using lower rates and 
less material per season compared with a standard 2-spray program [21].

A number of similar studies were conducted with MEC formulations from both 
companies for OFM. The 3 M-OFM formulation applied in three sprays was shown 
to be effective and performed similarly to the use of dispensers in North Carolina 
and Canada [46, 47]. Five or six sprays of a higher rate of 3 M-OFM in peach and 
pear disrupted traps and protected fruit as well as dispensers in Australia [48]. The 
3 M-OFM was used late in the season to extend the effectiveness of a spring dispenser 
application [47]. Only three studies evaluated the OFM-F product [21, 49, 50]. The 
two OFM formulations performed well and similarly when applied at a standard spray 
volume or as alternate-row-middle half-sprays [21, 49]. The OFM-F outperformed the 
use of OFM dispensers when applied in only 12 L ha−1 [50].

In general, the MEC formulations for CM were not as effective as concurrent 
OFM trials in Michigan and Pennsylvania apple [21, 49]. Unfortunately fruit injury 
from CM and OFM was not separated in the latter study. Studies evaluated low rates 
and frequent applications (2.5–5.0 g a.i. every 10–14 d) versus less frequent and 
higher rates (20–30 g a.i. once per generation) for both species using 3 M products 
with a standard spray volume [39]. The repeated low-rate applications improved the 
management of OFM but not for CM. Similarly, nine low-rate applications were more 
effective in reducing fruit injury than the use of higher rates applied once per genera-
tion in a combined program for OFM and CM [21].

CM is an important pest of walnuts Juglans regia L., in California, but their large 
size makes the use of hand-applied dispensers difficult [51]. The use of MEC for CM 
in walnuts was evaluated over several seasons in California funded by the California 
Walnut IPM Expansion Project (Table 1) [36]. Unfortunately, studies were often 
conducted in groves with low pest pressure and results were inconclusive. Studies 
evaluated rates of 10, 20, and 30 g a.i., added stickers (0.06%), and made five 
applications per season every four weeks using 940 L ha−1. Studies compared 3 M-CM 
and CheckMate® CM-F and they found that both could reduce male catches in sex 
pheromone-baited traps, but nut injury was often not reduced [52]. MD programs 
in walnuts were also much more expensive than current conventional programs 
which required only a few sprays per season [51]. Finally, the occurrence of the navel 
orangeworm, Amyelois transitella (Walker) (Lepidoptera: Pyralidae), as a secondary 
direct pest also made the use of a selective tactic for a single pest too expensive.

Several studies reported poor results with MEC formulations for CM in apples 
using air blast sprayers and standard water volumes. Comparative studies found 
moderate reductions in male catches with sprayable MD, but neither the 3 M-CM 
nor CheckMate® CM-F reduced CM injury [53]. Substantial variations in the 
efficacy of MEC trials with CM were reported suggesting they were not reliable [54]. 
Similarly, CheckMate® CM-F was never as effective as hand-applied dispensers in 
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shutting down traps with 25–40% less disruption in 1st flight and 75% less disrup-
tive later in the season [55].

Despite all of these negative CM trials, the recognition of the superior efficacy 
of using a low-volume application of CheckMate® CM-F was never acknowledged 
or tested by these researchers [56, 57]. The most extensive studies of low volume 
CheckMate® CM-F applications were conducted from 2004 to 2005 in 20 apple 
and pear grower’s orchards in WA and OR (Table 1) [37]. These studies consis-
tently demonstrated two results: (i) higher moth catches could occur in low volume 
CheckMate® CM-F-treated orchards than similar blocks treated with hand-applied 
dispensers; (ii) levels of fruit injury were never significantly different between hand-
applied dispensers and sprayable MEC (Table 1). The combined use of CheckMate® 
CM-F with CIDETRAK® DA MEC™ was effective at both low and high spray vol-
umes in Türkiye (Table 1) [28].

Similar but more limited number of studies have been conducted with low volume 
applications of CheckMate® OFM-F in California and Türkiye in stone fruits [50]. 
The California studies compared three rates of five applications beginning in March 
against dispensers and untreated plots and the 2006 studies used one rate and started 
in May with four applications. The study in Türkiye compared a low volume and a 
high-volume applications (3 sprays beginning in June) using an air blast sprayer but 
with some nozzles turned off in the low volume application. The data consistently 
found that while moth counts of OFM were higher in plots treated with the MEC 
formulations than dispensers, the fruit injury was either lower or not significantly 
different from dispenser treatments [50].

Measuring the impact of MD on the female moth mating status is a more direct 
measurement of the efficacy of any product [58]. Unfortunately, there is not a lot 
of data on the effect of MEC formulations on females mating success. Only three 
CM studies each using a different sampling method have been published. Tethered 
females in 3 M-CM-treated plots had 80% reduction in mating [17], which is com-
paratively low compared with various dispenser studies [58]. VF-baited traps were 
used to evaluate the comparative efficacy of low volume sprays and retained 75% 
male catch reductions after three weeks compared to no effect with standard spray 
volumes (Table 1) [32]. These two passive monitoring methods use fixed-positions 
for laboratory-reared virgin females and can overestimate the disruption of mating 
by wild and mobile females [58]. The third study reported the proportion of wild 
CM females trapped that were mated was somewhat lower in treated (CheckMate® 
CM-F + CIDETRAK® DA MEC™) than untreated plots; and was lower with the low 
volume compared with the standard spray volume (Table 1) [38].

2.2 Low volume applications: Most effective use of MEC

It is interesting that the most effective use of the CheckMate® CM-F (25 g a.i. in 
<20 L ha−1) was developed by accident as a means for the researcher to reduce the 
time needed to set up distant studies and still visit aging parents before returning 
to the office [35]. However, these positive results, which seemed like an anomaly at 
the time when compared with other more negative reports of MEC efficacy, were 
clearly demonstrated with a comparative spray volume test in 2000 (Table 1) [32]. 
The low volume application was shown to both significantly increase the deposi-
tion of capsules in the canopy and reduce levels of fruit injury. In fact, spraying the 
CheckMate® CM-F with a standard spray volume was no more effective than spray-
ing the material on the ground [32]. Additional supporting trials were conducted 
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in 2005 and 2006 and found that the low volume sprays with CheckMate® CM-F 
were equal to hand-applied dispensers in both apple and pear blocks [37, 59]. A 
similar study confirmed the improved efficacy of low volume applications of 
OFM-F in stone fruits in California and Türkiye [50]. The low volume studies with 
CheckMate® CM-F in Türkiye adjusted spray volume by turning off some nozzles on 
the air blast sprayer [50, 60]. Male counts were lower, and capsule density was higher 
with the low versus higher volumes. Similar results were reported in Türkiye with 
CheckMate® CM-F in apple (Table 1) [28].

2.3 Mechanism of low volume MEC sprays

The uniform broadcast spray application of MEC formulations was thought to be 
effective due to a noncompetitive camouflaging mechanism of disruption [7]. The 
increase deposition of capsules with low-volume applications thus likely enhances 
this effect. This initial mechanism for mating disruption was supported by field 
data [27]. Moth catches in low-volume sprayed blocks in traps with synthetic lures 
were initially low but significantly increased in weeks 3 and 4. Studies suggested 
that charged leaves could act as attractive point sources for an extended period [27, 
61, 62]. For example, field-aged leaves with ca. 100 capsules were attractive to males 
flown in a flight tunnel for 5 weeks [61]. Similarly, traps baited with MEC-treated 
artificial leaves were attractive for at least 5 weeks in the field [27]. These data 
suggest that MEC applications initially disrupt males through camouflage (initial 
burst of pheromone) for a relatively short period and then this is followed by an 
extended period of competitive attraction caused by thousands of point sources 
(leaves with clumps of capsules). A few other studies have considered the role of 
individual leaves treated with MEC formulations on moth behavior. Grapevine, Vitis 
spp., leaves served as passive dispensers for Lobesia botrana (Denis and Schiffmüller) 
(Lepidoptera: Tortricidae), for two weeks [62]. Some of the activity of the 3 M for-
mulations for the tortricid leafrollers Choristoneura rosaceana (Harris) and Pandemis 
limitata (Robinson) were hypothesized to be greater if moths resting on treated 
leaves [44].

2.4 New MEC technology

The new Trécé Inc. MEC formulation to date has mostly been evaluated with pear 
ester. The microcapsules are much smaller than the CheckMate® CM-F microbeads 
(mean of 10 versus 100 μm) and significantly impacted CM larval wandering behav-
ior on leaves for 14 d [26]. The impact of its much smaller capsule size on effective 
deposition and retention has not been studied. CIDETRAK® DA MEC™ is widely 
used by walnut and apple growers to enhance insecticide-based control [25, 63]. 
CIDETRAK® DA MEC™ significantly reduced levels of injury when used in combi-
nation with codlemone or codlemone/pear ester dispensers [64].

Comparable evaluations of the CIDETRAK® CM MEC™ product have not been as 
well reported [65, 66]. Similar to the earlier MEC formulations for CM, CIDETRAK® 
CM MEC™ does not disrupt male catches as well as other hand-applied dispensers 
[66]. The use of low volume applications with this formulation has not been reported. 
Herein, we report comparative laboratory and field data on the comparative efficacy 
of a pre-registration Trécé Inc. formulation (TRE1505) with CheckMate® CM-F from 
2015 to 2018 and field trials with CIDETRAK® CM MEC™ from 2020 to 2024 tested 
against several hand-applied dispensers.
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3.  Materials and methods

3.1 Field sprays / flight tunnel assays

Studies were conducted from 2015 to 2018 to evaluate the experimental 
CIDETRAK® TRE1505 prior to its registration as CIDETRAK® CM MEC™ in 2019 
to determine the optimal rate and factors impacting its longevity. In particular, 
the new formulation was compared with the only remaining commercial product, 
CheckMate® CM-F. Trials 1 and 2 evaluated the attraction of laboratory-reared 
male CM to apple leaves sprayed with each formulation aged over eight weeks, and 
the effect of overhead watering with the use of a latex sticker (0.06%, Bond Max, 
Loveland Industries, Greely, CO) over four weeks. Potted 10-year-old ‘Delicious’ 
trees (ca. 2.2 m height) were sprayed with each formulation (N = 5) using a backpack 
power sprayer at a standard rate of 10 g a.i. in 12 L water ha−1 until drip in both trials. 
Leaves were collected each week for eight weeks and used in a flight tunnel protocol 
previously described [27]. Trial 2 placed the sprayed potted trees under an overhead 
watering system, delivering 120 L per h every day for 4 hours (1400 – 1800 h) for 
four weeks. Trial 3 compared the residual attractiveness of field-collected apple leaves 
treated with either CheckMate® CM-F or TRE1505. Either the upper or lower apple 
leaf surfaces were sprayed with a rain simulator (Model SB6-059, DeVries Manuf., 
Hollandale, MN) as described previously [27]. Data for the proportion of male moths 
orienting within 10 cm of the leaf and touching the leaf were recorded in both trials. 
The specific flight tunnel assay with acclimated laboratory-reared male CM was 
described previously [27]. Male response to untreated leaves were included in each of 
the three trials and no males crossed the mid-line of the flight tunnel.

3.2 Field trials of TRE1505, 2016–2018

Five field studies compared the two formulations in conventional apple orchards 
situated near Wapato, WA (46.3-46.6o N, 120.2-120.4o W). Treatments included air 
blast (935 L ha−1) and low volume (25 L ha−1) applications with and without a latex 
sticker, 0.06%. The low volume sprayer was the apparatus used by cherry growers to 
apply the bait GF-120 for the western cherry fruit fly, Rhagoletis indifferens (Curran) 
[67]. Trial 7 included plots treated with CIDETRAK® CMDA COMBO™ PP at 1000 
dispensers ha−1 loaded with 85 and 50 mg of codlemone and pear ester. Replicated 
(N = 4 to 8) 1-ha plots were randomized across four contiguous 8-ha blocks of apple 
in each trial. Similar untreated blocks were included in three trials. All blocks were 
sprayed with similar conventional spray programs each year. Each replicate was 
monitored with delta traps baited with 0.1 and 1.0-mg codlemone lures. Lures and 
trap liners were replaced each week. Studies were conducted for ca. four weeks from 
early July or August to late August or early September during the 2nd and 3rd flight 
of CM. All blocks were treated with conventional spray programs that were likely 
less than required and levels of CM fruit injury were similar across blocks each year 
and ranged from ca. 1.0 to 3.0%. Accumulated field precipitation was recorded 
during each trial.

3.3 Field trials of CIDETRAK® CM MEC™, 2020-2024

Seasonal field studies were conducted from 2020 to 2024 with CIDETRAK® 
CM MEC™ in comparison with either the CIDETRAK® CMDA COMBO™ PP 
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applied at 700 dispensers ha−1 in 2020–2021 and 2023–2024 or the CIDETRAK® 
CMDA COMBO™ MESO™-A loaded with 850 and 500 mg of codlemone and pear 
ester and applied at 80 dispensers ha−1 in 2022. Replicated plots each year were 2 to 
4 ha. The study in 2021 randomly split six orchards into two 2.0-ha plots. Studies in 
2023–2024 compared the use of CIDETRAK® CM MEC™ alone and in combination 
with the CIDETRAK® CMDA COMBO™ PP dispensers. Four or five applications 
(spaced 4–5 weeks apart) of sprayable MEC at 25 g a.i. ha−1 with an air blast sprayer 
delivering 935 L ha−1 were made starting in early May each year, except in 2023 
when only one application was made on 11 July and the study lasted four weeks. 
Dispensers were applied to the upper third of the canopy in mid-April. Monitoring 
traps baited with either 1.0 mg codlemone or a 4-component non-pheromone lure, 
PHEROCON® MEGALURE CM DUAL 4 K (Trécé Inc.) were placed in the last week 
of April and checked every two weeks. The Coefficient of Male MD [65] was calcu-
lated each year as: (male catch in traps with the 1.0 mg pheromone lure divided by 
male catch in traps with the 4 K lure) for each treatment, except in 2023. Female CM 
collected from the various orchards were dissected to determine their mating status. 
Females from untreated plots in 2021 were from nearby insecticide-only treated 
orchards.

Studies in 2023 and 2024 included weekly releases of unsexed sterilized CM 
obtained from the Okanagan-Kootenay Sterile Insect Release Program’s mass rear-
ing facility (Osoyoos, BC, Canada). A single 150-m transect was established in each 
orchard and five traps with the PHEROCON® MEGALURE CM DUAL 4 K lure were 
spaced at 30 m. Approximately 400 unsexed sterile CM were released down each row 
each week by lightly tapping a chilled moth container while driving down the row in 
an ATV. Liners were collected seven days later prior to the next moth release. Moths 
were sexed and all sterile and wild females were dissected to determine their mating 
status using a stereomicroscope. All female CM caught in traps with dual sex lures 
in each treatment replicate were also dissected. All orchards were also treated with a 
conventional spray program and levels of fruit injury were less than 0.1% and are not 
presented.

3.4 Statistical analyses

All count and proportional data were transformed with sqrt(x) and 
arcsin(sqrt(x)) prior to an analysis of the normality of the data (Shapiro-Wilk). 
Normalized untransformed or transformed data were evaluated with a one- or 
two-way analysis of variance (F-test statistic). Tukey’s method was used to sepa-
rate means in significant ANOVAs, P < 0.05. The Kruskal-Wallis nonparametric 
test (W-test statistic) was used to analyze nonnormal data sets. This was fol-
lowed by an ANOVA applied to ranks. Fisher’s exact test was used to compare the 
proportion of male moths approaching and contacting sprayed leaves in a flight 
tunnel [68].

4.  Results

4.1 Field sprays / flight tunnel assays

TRE1505 outperformed the CheckMate® CM-F formulation in Trial 1 in terms 
of the proportion of males flying within 10 cm of the source or directly touching 
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the sprayed leaves in the 57-d (Table 2). Males approached 100% of leaves treated 
with TRE1505 at day 29 greater than 50% of males were still touching sprayed 
leaves at day 57. The use of a pine resin sticker in Trial 2 did not extend male 
responses to treated leaves subjected to four hours of overhead watering through 
29 days.

Significant differences in the responses of male CM were flown in a flight tunnel 
to apple leaves sprayed with each formulation to either the top or bottom surface of 
apple leaves with or without the latex sticker (Table 3). A greater proportion of males 
responded to (flying close and touching) leaves treated with TRE1505 than with 
CheckMate® CM-F. The addition of the sticker increased the response of males to 
either top or bottom treated leaves under water to levels similar to treated leaves not 
watered with either formulation.

4.2 Field trials of TRE1505, 2016-2018

Significant differences in male CM catch in traps baited with 0.1 or 1.0 mg 
codlemone occurred in four of the five four-week field trials (Table 4). Moth counts 
were lower with both lures with TRE1505 with low volume versus air blast applica-
tions in Trial 4. Moth counts with the air blast applications of CheckMate® CM-F 
were intermediate. Trial 5 found that low volume applications of both formulations 
significantly reduced male counts with either lure compared with an untreated con-
trol. Trial 6 found no difference in moth catches with either lure in plots treated with 
TRE1505 used with or without a latex sticker. Significant differences in male catches 
between low volume sprayable formulations and hand-applied dispenser occurred 
in Trial 7. Mean catch was not different with the 0.1 mg lure between TRE1505 and 
dispensers but was lower in dispenser-treated replicates with the 1.0-mg lure. Male 
catches were not different between the two MEC formulations. Finally, Trial 8 found 

Trial #
dates
precipitation 
during trial

Treatment # males 
flown 

per date

Proportion males in 29-d 
bioassay

Last post-spray bioassay 
with >50% male response

Flying 
close to 
source

Touching 
source

Flying 
close to 
source

Touching 
source

1
19 May – 22 July 
2015
8.1 mm

CheckMate® CM-F 15 0.40 B 0.40 B day 22 day 22

CIDETRAK® 
TRE1505

15 1.00 A 0.80 A day 57 day 57

2
11 July – 9 
August 2016
2.5 mm

CIDETRAK® 
TRE1505 + sticker

12 0.83 A 0.67 A > day 29 > day 29

CIDETRAK® 
TRE1505 + sticker

Under water

12 0.75 A 0.58 A > day 29 > day 29

Column means in each trial followed by a different letter were significantly different, Fisher’s Exact test, P < 0.05.

Table 2. 
Comparison of male CM flight response (flying <10 cm from leaf and touching leaf) in weekly assays with 
field aged sprayed apple leaves treated with or without a pine resin sticker and with or without overhead daily 
watering (1400–1800 h), 2015–2016.
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Trial # MEC type Treatment Mean ± SE proportion of males

Watering Leaf surface
watered

Sticker 
added

Flying close
to source

Touching
source

3 CheckMate® 
CM-F

Yes Top no 0.50 ± 0.07 bB 0.15 ± 0.08 bB

Yes Bottom no 0.51 ± 0.10 bB 0.27 ± 0.09 bB

Yes Top yes 0.90 ± 0.06 aB 0.52 ± 0.07 aB

Yes Bottom yes 0.92 ± 0.08 aB 0.75 ± 0.08 aB

No — no 0.99 ± 0.01 aB 0.81 ± 0.05 aB

CIDETRAK® 
TRE1505

Yes Top no 0.67 ± 0.07 bA 0.27 ± 0.08 bA

Yes Bottom no 0.78 ± 0.06 bA 0.56 ± 0.07 bA

Yes Top yes 0.95 ± 0.05 aA 0.81 ± 0.07 aA

Yes Bottom yes 1.00 ± 0.00 aA 0.78 ± 0.11 aA

No — no 1.0 ± 0.00 aA 0.86 ± 0.04 aA

Statistics MEC F 1, 63 = 8.60
P = 0.0047

F 1, 63 = 7.41
P = 0.0084

Treatment F 4, 63 = 26.51
P < 0.0001

F 4, 63 = 24.36
P < 0.0001

MEC x 
Treatment

F 4, 63 = 1.10
P = 0.3643

F 4, 63 = 0.86
P = 0.4932

Column means followed a different uppercase or lowercase letter were significantly different (P < 0.05) for MEC and 
treatment (water, surface, sticker), respectively.

Table 3. 
Flight tunnel evaluations of male CM responding to MEC-treated apple leaves exposed to simulated rainfall, 2015.

Trial # Dates
replicates / precipitation

Treatment, sprayer Mean ± SEM male catch per trap

0.1 mg lure 1.0 mg lure

4 13 July – 16 Aug. 2016
N = 6 / 2.5 mm

CM-F, air blast 3.8 ± 1.4 AB 13.5 ± 2.8 AB

TRE1505, low volume 1.8 ± 1.2 B 10.7 ± 1.8 B

TRE1505, air blast 6.7 ± 1.3 A 26.0 ± 5.9 A

Statistics F 2, 15 = 3.51
P = 0.0563

F 2, 15 = 4.60
P = 0.0276

5 25 July – 23 Aug. 2016
N = 4 / 0.8 mm

CM-F, low volume 0.8 ± 0.5 B 9.5 ± 4.2 B

TRE1505, low volume 0.3 ± 0.3 B 14.5 ± 4.4 B

Untreated 6.0 ± 2.8 A 58.0 ± 5.9 A

Statistics F 2, 9 = 9.11
P = 0.0069

F 2, 9 = 17.91
P = 0.0007

6 11 Aug. – 9 Sept. 2016
N = 4 / 1.3 mm

TRE1505, low volume 5.0 ± 1.1 A 47.0 ± 18.5 A

TRE1505 + sticker, low volume 4.0 ± 1.2 A 32.8 ± 12.6 A

Statistics F 1, 6 = 0.40
P = 0.5511

F 1, 6 = 0.25
P = 0.6328
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that the low volume application of TRE1505 was significantly lower than the air 
blast application with the 1.0 mg but not the 0.1 mg lure. Both sprayable treatments 
significantly reduced moth catches compared with the untreated plots. Accumulated 
precipitation during each trial was low, 0.0 to 2.5 mm.

4.3 Field trials of CIDETRAK® CM MEC™, 2020-2024

Trials 9–13 conducted over five years completed a number of different com-
parisons with CIDETRAK® CM MEC™ was compared with dispensers and in 

Trial #
Dates Year
Precipitation

Treatment a No. of
replicates

Mean ± SE value of
Coefficient of Male 

MD

Mean ± SE proportion
of females not mated
[# females dissected]

Trial 9
24 April -
22 Aug.
2020
29 mm

Untreated 6 1.56 ± 0.30 A 0.23 ± 0.03 B [267]

CM-MEC 6 0.66 ± 0.16 AB 0.43 ± 0.05 A [194]

PP dispensers 6 0.18 ± 0.04 B 0.40 ± 0.08 AB [143]

Statistics W = 13.15
P = 0.0014

F 2, 15 = 4.00
P = 0.0405

Trial 10
28 April -
8 Sept.
2021
4 mm

UTC 6 — 0.27 ± 0.11 B [131]

CM-MEC 6 1.09 ± 0.27 A 0.68 ± 0.09 A [70]

PP dispensers 6 0.33 ± 0.19 B 0.80 ± 0.06 A [121]

Statistics W = 7.17
P = 0.0074

F 2, 15 = 7.48
P = 0.0056

Trial # Dates
replicates / precipitation

Treatment, sprayer Mean ± SEM male catch per trap

0.1 mg lure 1.0 mg lure

7 7 July – 6 Sept. 2017
N = 6 / 0.3 mm

CM-F, sticker, low volume 12.0 ± 1.4 AB 25.3 ± 4.1 B

TRE1505, sticker low volume 4.8 ± 0.7 B 21.3 ± 3.5 B

Cidetrak CMDA PP dispenser 3.5 ± 0.2 B 5.5 ± 0.6 C

Untreated 25.2 ± 3.7 A 75.2 ± 9.7 A

Statistics W = 19.56
P = 0.0002

F 3, 20 = 36.88
P < 0.0001

8 7 Aug. – 3 Sept. 2018
N = 8

0.0 mm

TRE1505, sticker air blast 5.9 ± 1.0 B 28.6 ± 3.3 B

TRE1505, sticker low volume 2.5 ± 0.5 B 10.9 ± 2.0 C

Untreated 40.3 ± 6.6 A 89.1 ± 9.0 A

Statistics W = 17.76
P = 0.0001

F 2, 21 = 76.47
P < 0.0001

The F-statistic was calculated in ANOVAs with normalized data (Shapiro-Wilks test) and column means in each 
trial followed by a different letter were significantly different, P < 0.05, Tukey HSD test. Kruskal-Wallis (W-statistic) 
was used if the data could not be normalized. A parametric ANOVA of ranks was then calculated, and means were 
separated at P < 0.05.

Table 4. 
Comparison of male CM catches in delta traps baited with either 0.1 or 1.0 mg septa sex pheromone lures in 
small-plot (1 ha) replicated four-week MD field trials with CheckMate® CM-F or the CIDETRAK® TRE1505 
formulations applied at 25 g a.i. ha−1 with low volume 24 L or air blast 935 L ha−1 sprays, 2016–2018.
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combination with dispensers (Table 5). Calculations of the Male Coefficient of MD 
confirmed that the CIDETRAK® CM MEC™ does not disrupt pheromone-baited 
traps better than untreated plots and significantly lower than dispensers. However, 
the proportions of unmated female CM were similar between the sprayable and dis-
pensers in each trial, except in 2024 where CIDETRAK® CM MEC™ outperformed 
dispensers in disrupting the sterile females (Table 5). The combination of spraying 
CIDETRAK® CM MEC™ in dispenser-treated orchards was more effective than the 
sprayable alone in 2023 and dispensers alone in 2024.

Trial #
Dates Year
Precipitation

Treatment a No. of
replicates

Mean ± SE value of
Coefficient of Male 

MD

Mean ± SE proportion
of females not mated
[# females dissected]

Trial 11
23 April -
3 Sept.
2022
28 mm

UTC 4 0.72 ± 0.14 A 0.28 ± 0.05 B [55]

CM-MEC 5 0.86 ± 0.41 A 0.70 ± 0.10 A [82]

Meso dispensers 8 0.35 ± 0.09 B 0.45 ± 0.08 AB [299]

Statistics W = 15.35
P = 0.0015

F 2, 14 = 4.06
P = 0.0406

Trial 12
11 July -
8 Aug.
2023
20 mm

UTC 4 — Wild: 0.28 ± 0.12 A [35]
Sterile: 0.31 ± 0.03 C [340]

CM-MEC 4 — Wild: 0.33 ± 0.08 A [63]
Sterile: 0.31 ± 0.08 BC 

[270]

Dispensers 4 — Wild: 0.23 ± 0.11 A [27]
Sterile: 0.59 ± 0.04 AB [19]

CM-MEC + PP 
dispensers

4 — Wild: 0.27 ± 0.05 A [184]
Sterile: 0.68 ± 0.12 A [158]

Statistics - Wild: W = 2.27, P = 0.5188
Sterile: F 3, 45 = 7.69, 

P = 0.0004

Trial 13
13 May -
7 Sept.
2024
8 mm

UTC 4 Wild: 2.00 ± 0.28 A
Sterile: 1.71 ± 0.21 A

Wild: 0.17 ± 0.08 B [105]
Sterile: 0.35 ± 0.01 B [955]

CM-MEC 4 Wild: 0.85 ± 0.18 AB
Sterile: 0.72 ± 0.20 AB

Wild: 0.40 ± 0.03 AB [446]
Sterile: 0.60 ± 0.03 A [348]

PP dispensers 4 Wild: 0.15 ± 0.06 B
Sterile: 0.35 ± 0.11 B

Wild: 0.32 ± 0.05 B [120]
Sterile: 0.33 ± 0.08 B [165]

CM-MEC + PP 
dispensers

2 Wild: 0.10 ± 0.03 B
Sterile: 0.26 ± 0.08 B

Wild: 0.77 ± 0.03 A [130]
Sterile: 0.93 ± 0.07 A [91]

Statistics Wild: F 3, 10 = 4.31, 
P = 0.0154

Sterile: F 3, 10 = 7.69, 
P = 0.0004

Wild: F 3, 10 = 8.53, 
P = 0.0041

Sterile: F 3, 10 = 11.93, 
P = 0.0017

aTreatments included CIDETRAK® CM MEC™ and the CIDETRAK® CMDA COMBO™ PP and CIDETRAK® 
CMDA COMBO™ MESO™-A dispensers.

Table 5. 
Field studies in replicated conventional apple orchards used to calculate the Coefficient of Male MD defined as 
the ratio of male catch in traps baited with a PHEROCON® CM 1.0 mg lure divided by male catch in traps with 
the non-pheromone lure, PHEROCON® MEGALURE CM DUAL 4 K and the proportion of trapped female CM 
that were not mated in apple orchards either untreated, sprayed with CIDETRAK® CM MEC™ or treated with 
dispensers loaded with codlemone / pear ester from 2020 to 2024.
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5.  Discussion

The CIDETRAK® CM MEC™ formulation was found to be more effective than 
CheckMate® CM-F in semi-field experiments due to extended activity and greater 
retention despite overhead watering and was significantly improved with the use of 
a sticker. The two MEC formulations differ 10-fold in their mean capsule size, and 
we hypothesized that the smaller capsule size with CIDETRAK® CM MEC™ is a key 
factor improving its performance. To date, useful studies characterizing microcapsule 
densities and distribution using UV dyes have not been done with the CIDETRAK® 
CM MEC™ formulation. In addition, the characterization of leaves with variable 
microcapsule densities acting as attractive point sources with this formulation has not 
been conducted. The improvement in Trials 4 and 8 with low volume applications of 
TRE1505 suggests that this application method works similarly to our earlier studies 
with CheckMate® CM-F. At present apple growers do not apply any pesticides with 
ATVs except pollen or herbicide spot treatments, so it is uncertain if growers would 
be willing to apply low volume MEC sprays. The lower treatment cost using the 
ATV likely allows the MEC sprays to be applied independent from other mixed tank 
applications and would improve timings.

Apparently, MEC formulations do not disrupt male CM catch in pheromone-
baited traps as well as the use of dispensers. In fact, male catch may be increased due 
to the MEC spray [66]. This failure to reduce male catch in sex pheromone-baited 
traps has been interpreted as a failure to disrupt mating [58]. However, female dissec-
tions tell a different and more positive story concerning the efficacy of MEC-based 
programs. The greater levels of disruption found with use of MEC in combination 
with dispensers can provide a new approach to manage CM: supplemental MEC 
sprays in orchards with a basic MD dispenser framework. One or two MEC sprays per 
generation could be used depending on pest density.

6.  Conclusion

Research over the past 10 years with MEC sex pheromone formulations for CM 
has made several new discoveries demonstrating a significant improvement in their 
effectiveness. Factors that can increase the deposition and retention of microcapsules 
are key. Retention of the 1.0 ug microcapsules despite precipitation, irrigation or 
overhead watering is much better than with the larger microbeads. Their deposition 
using air blast applications was relatively ineffective. Low volume applications with 
less water and much lower wind speed can significantly improve the performance of 
the smaller microcapsules.

Several options exist for the effective use of the new MEC formulation. Season-
long monthly applications is one approach. Reducing the density of dispensers or 
aerosols and applying the MEC only at generational flight peaks during the season 
is another. Adjusting the number of seasonal MEC sprays based on moth densities 
estimated with the Coefficient of Male MD can be used to optimize programs.
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Chapter 4

Novel IPM Tools for Twenty-First 
Century Tree Fruits
Alan Lee Knight, Michele Preti and Esteban Basoalto

Abstract

Our review draws attention to a suite of tactics that form the integrated pest man-
agement (IPM) approach being developed for use in apple, pear, and cherry to solve 
new and continuing pest problems. Tactics include development of cultural practices, 
behavioral tools, spray programs, and biocontrol. All of these have to be embedded in 
seasonal programs heavily dependent on insecticide sprays. Some approaches are in 
conflict with sprays, and adjustments have to be made. Many actions support current 
programs and hopefully will make pest management more integrated with less reli-
ance on pesticides. Others are new tools that can be adopted to gain knowledge and 
to guide more rational decision-making. The twenty-first century is nearly a quarter 
done, and our review suggests we have made good progress and that there remains 
much to do.

Keywords: integrated pest management, apple, pear, cherry, insect pest monitoring

1.  Introduction

Pome and stone fruits are tremendously diverse ecosystems available for arthro-
pods colonization including rootzones, trunk and branches, foliage, and fruits. 
Irrigated orchards planted in dry arid climates present a huge chemical and visual 
signal to attract mobile pests. Arthropod pests can reduce the vitality of trees by 
damaging roots or leaves and directly damage the crop by feeding on the shoots, 
buds, and fruit. Other arthropods fill a secondary trophic level and utilize the pests 
as resources; thus, they are considered as beneficials. Many of the arthropod species 
collected in orchards have no impact on crop production, while a few are both pests 
and beneficials.

Integrated pest management (IPM) draws together accurate data and predictive 
models to minimize crop injury and consequently economic loss. Many IPM tools 
developed in the twentieth Century allow these crops to be effectively managed 
today. Yet new pests arise; some important pests become much less important, and 
some remain the key pests, driving the entire management program. Climate change 
together with globalization and limitations in the use of some active ingredients are 
featuring the present and future concepts and challenges of sustainable fruit produc-
tion across countries.
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Our review focuses on new technologies that have or may allow managers to better 
seasonally track pests and use new techniques that can manage pest levels and reduce 
the historical reliance on pesticides in apple, Malus domestica (Borkhausen), pear, 
Pyrus communis (L.), and cherry, Prunus avium (L.). The economics of crop produc-
tion is complicated and turbulent based on repeating periods of oversupply and 
reductions in demand, the opening and closing of international markets, increasing 
restrictive regulations, and constant evolution in consumer preferences. Our review 
will present the research that is developing new technologies without due consid-
eration of the economic component to farming success. For this myopic focus, we 
deeply apologize to the growers!

2.  Traditional monitoring

Typically, human scouts walk or drive all-terrain vehicles (ATV’s) through 
orchards to visually sample any number of problems, including the balances between 
pests, natural enemies, and the crop. Density thresholds have been developed for 
many of these pests and natural enemies that trigger specific control measures [1]. 
Orchard scouts may be armed with a hand lens, beating tray, or sweep net. Samples 
are often collected and examined in the laboratory using leaf brushing machines, or 
extraction of specimens with water or solvent washing, or Berlese funnels, and the 
use of microscopes to process the samples. Scouts in the field also check a variety of 
traps. Male counts from sticky traps baited with sex pheromone lures for moth pests 
are widely used to support decisions on when or whether to apply insecticides. Sticky 
cards are also used as traps to monitor smaller pests (scales, mealybugs, thrips, and 
aphids) and their natural enemies to ascertain pest densities and estimate the poten-
tial of biocontrol to avoid unnecessary sprays.

3.  New monitoring tools

3.1 Dual sex lures

Dual sex lures have been developed for key tortricid pests attacking tree fruits. 
These lures have been more effective than sex pheromone lures in monitoring 
orchards treated with sex pheromone-based mating disruption (MD) and can 
attract both males and females moth [2, 3]. Knowledge of female moth density 
and their mating status could be very important to improve MD [4]. Improved 
phenology models and action thresholds for codling moth (CM), Cydia pomonella 
(L.), have been developed with pear ester, ethyl (E,Z)-2,4-decadienoate (PE) 
[5, 6]. Studies using PE-based lures have found that important information is 
gained by dissecting female CM [7, 8]. Unfortunately, most pest managers do 
not sex trapped moths thus, comparing the mating success of females under 
different types and combinations of MD (hand-applied dispensers, sprayables, 
and aerosols) has not been possible. Similarly, MD of the other important 
tortricid pests have not yet been examined using dual sex lures, except for few 
cases. For instance, the mating status of the European grape vine moth, Lobesia 
botrana (Denis and Schiffermüller), in grapes was shown using the dual sex lure, 
2-phenylethanol combined with acetic acid, to be lower in more isolated vineyards 
and earlier in the season likely due to immigration [9].
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The addition of a solar-powered UV-A LED with these dual sex lures can boost 
the catch of both CM sexes 2 to 4-fold [10, 11]. The UV light pulls inside the moths 
that have approached the trap but have not yet entered. The use of a single UV-A LED 
placed inside a delta trap has a limited drawing range and catches few nontarget spe-
cies in orchards. Using a female moth removal strategy with this lure plus light combi-
nation within MD-treated orchards provides a dual approach to manage CM [8, 12].

3.2 Remote monitoring

Remote monitoring is being developed to allow pest populations to be tracked 
without scouts visiting orchards [13]. Sex pheromone-baited camera traps for CM can 
correctly identify >90% of the males due to the high specificity of the lure and are 
gradually being adopted [14]. The use of a camera-equipped traps to monitor multiple 
pests would likely further reduce monitoring costs. However, the use of camera-
equipped traps baited with nonselective kairomone-based lures can be compromised 
due to excessive false positive identification, especially if multiple pests with similar 
sizes, silhouettes, and color patterns are captured in the same trap [15].

Further improvements in the algorithms and cameras deployed in camera-equipped 
traps may be able to reduce these errors [13]. One possible solution to separate species 
could be counting moths over more limited time frames during the peak flight period 
of each species. Technical modifications will be needed and may require enhanced solar 
and battery power to take more photographs per day. A second promising approach 
could be to use differences in wing vibrational frequencies to sort insect species [16].

3.3 Host plant volatile lures

Host plant volatile lures have been developed to both monitor and pull biocontrol 
agents into orchards [17, 18]. Traps with a four-component lure (acidic acid, methyl 
salicylate, 2-phenylethanol, and phenylacetaldehyde) outperformed beat trays, and 
tracked 12 natural enemies within pear, including some not caught on the trays [19]. 
The replacement of beat trays with host plant volatile-baited traps also significantly 
reduced labor costs for monitoring. The use of these traps is allowing action thresh-
olds to be developed for natural enemies and helps to optimize spray timings [20].

3.4 Canines’

Canines’ innate ability to smell is being developed to detect several types of cryptic 
orchard pests. Dogs have been used to provide detections of early symptoms of a 
number of phytoplasmas in several crops [21], including for the Western X Virus in 
cherry, a disease that has caused huge losses in Washington State [22]. Early detection 
of phytoplasmas is difficult yet essential for deploying effective strategies. Visual sam-
pling and molecular techniques are too inefficient or expensive to be widely used. In 
addition, canines have been trained to locate extra orchard overwintering populations 
of the brown marmorated stink bug (BMSB), Halyomorpha halys (Stål) [23], and the 
recently introduced fulgorid, spotted lanternfly, Lycorma delicatula (White) [24].

3.5 Biotremology

Biotremology, the study of substrate-borne mechanical waves in animal com-
munication, has emerged as a promising tool for various heteropteran pests of tree 
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fruits including leafhoppers, stink bugs, and psyllids [25]. These pest groups rely on 
vibrational signals for mate recognition and courtship. Artificially generated vibra-
tions can interfere with these signals, preventing successful mating [26]. Vibrational 
traps that exploit insects’ natural communication signals can attract pests to a specific 
location, where they are either captured or exposed to insecticides, “vibration-based 
attract-and-kill” strategies [27]. For example, in psyllids, which are key vectors of 
plant pathogens, vibrational traps emit disruptive mating signals, luring individuals 
onto a trapping surface and reducing population densities [28]. The use of vibrations 
to disrupt mating in pear psylla (PP), Cacopsylla pyricola (Foerster), is being devel-
oped [29]. Biotremology can also enhance biocontrol by using the vibrational sensi-
tivity of natural enemies. For instance, studies on whiteflies and aphids suggest that 
exposing parasitoids to host-generated vibrations before their release can enhance 
their ability to locate prey in the field, thereby increasing their efficacy in suppressing 
pest populations [30].

4.  Traditional IPM programs

Traditional IPM programs in tree fruits are widely considered to be success-
ful [31], but there are many pests to manage, and insecticide use remains the most 
effective and dependable tools to apply [32]. The twenty-first century has brought 
insecticides with new mode-of-actions and ones that are often more selective than the 
chemistries relied on in the last Century [33, 34]. Without any new broad spectrum 
“silver bullets” available, research has focused on implementing new even more 
integrated programs [35]. Unfortunately, invasive pests pose fresh disturbances and 
fractures in these programs [36].

5.  New IPM programs

New IPM programs in apple, pear, and cherry are more unstable than many 
practitioners hope. Several problems are on the horizon and could continue to rise. 
Selection for pesticide resistance has always been a determinant factor shaping 
management programs of key pests in tree fruits, that is, CM and PP [37, 38]. The 
diamide chlorantraniliprole is the most common insecticide used for CM and appar-
ently has lost its efficacy in the mid-Atlantic region of the USA [39]. Organic apple 
growers in Washington State have reported some resistance to the granulosis virus 
[40]. New pests generally require applications of more broad-spectrum insecticides 
to achieve control, at least initially, until IPM programs can be developed and stabi-
lized [41–43].

Optimists may believe that the development of new tools to track pests and crops 
and automated spray and tractor-based precision technologies are revolutionary 
advances that can improve crop production [44]. Surely, they provide some refine-
ment in management, but they do not eliminate the problems associated with farming 
large monocultures. Poor economics often inversely drives the quality of the pest 
management applied. In tough years, the more you grow, the more you lose! Even in 
good years, margins are thin for most growers. The transfer of family to corporate 
farming is speeding up. Again, optimists think that larger, well-funded operations 
will use the best practices and be the most successful [44]. Yet the consolidation of 
farming into industrial level production units tends to further reduce ecosystem 
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diversity and increase their fragility [45]. Unless research can build better IPM, the 
twenty-first century will surely be interesting, and the insects will be there to testify!

5.1 “Old Friends Never Die!”

“Old Friends Never Die!” Each of the three crops in this review retains key pests 
that require effective management. CM in both apple and pear orchards; PP in 
pear; and temperate fruit flies in cherry, across orchards in both North America 
and Europe. Here, we highlight some new tools that will likely impact each of their 
management programs.

5.2 Mating disruption for CM

Mating disruption for CM and the key tortricid pests in tree fruits has continued to 
grow and is estimated at >1000,000 ha [46]. Studies with CM have found that levels 
of unmated females can be low despite the use of MD [8]. Efforts to improve CM MD 
can likely be achieved with increases in the rate of MD, such as combing hand-applied 
dispensers with either sprayables or aerosols [47].

Aerosol formulations of sex pheromone were first developed in 1994 [48]. One 
factor driving the adoption of this technology was the reduced labor required for 
deployment of 2.5 units ha−1 compared with up to 1000 hand-applied dispensers ha−1. 
However, initial concerns about its use in small irregular-shaped blocks limited its 
adoption [49]. Today, aerosols have become the fastest growing MD technology in 
fruit and nut crops [46]. Research studies have created a lower cost program (50% 
lower) with aerosols for CM. Internal grids of aerosols placed at 1 ha−1 with 10-m 
border hand-applied dispenser applications (1000 ha−1) were effective for CM in 
small and large blocks [49]. The rate and frequency of the aerosol sprays also could be 
reduced substantially to further reduce the cost [50]. Unfortunately, manufacturers 
have not wanted to reduce these rates.

Pear ester is used in combination with sex pheromone in several MD dispenser 
types for CM and in microencapsulated formulations [51] and provides greater 
disruption of female mating [4, 52]. However, aerosol formulations of pear ester have 
not yet been tested. Another innovative use of CM MD not yet adopted is low-volume 
sprays of a microencapsulated formulation, which were effective and provided grow-
ers with more flexibility in using MD for key periods of pest abundance [53].

5.3 Sterile insect releases of CM

Sterile insect releases of CM has been conducted in Canada since 1992 [54]. The 
public-funded program has evolved from an ill-conceived eradication effort to a very 
expensive program for only one pest (estimated at $ 1120 ha−1) as tree fruit produc-
tion has declined 50% in the region. Unfortunately, new pests have emerged under 
the Canadian CM Sterile Insect Technique (SIT) program, such as the tortricid, 
Spilonota ocellana (Denis and Schiffermuller), and the sesiid, Synanthedon myopaefor-
mis (Borkhausen) [55, 56].

The sterilized CM have been distributed to several areas. For example, moths from 
1995 to 1999 were transported to the USA to treat nearly 400 ha adjacent to the two 
countries border in an area-wide program combined with MD that was a very suc-
cessful partially funded government program [57]. Moths produced after the field 
season in the northern hemisphere have also been shipped to South Africa and New 
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Zealand for smaller pilot projects [58, 59]. Beginning in 2018, the excess production of 
Canadian sterile CM (ca 2,000 ha) was made available to growers in the USA and has 
been commercially released into individual orchards via drone. A three-year funded 
program examined the effectiveness of SIT as a component of organic management 
including MD and sprays in small individual orchards of 2–3 ha [60]. The program 
did not reduce levels of injury compared with the orchards not receiving moths. Some 
growers believe SIT is a useful approach to reduce high levels of CM, but it takes several 
years. Further expansion of this approach will require the development of additional 
rearing capacity likely in the USA. The use of X-rays to sterilize CM may facilitate 
further adoption of this technology [61].

5.4 Granulosis virus of CM

Granulosis virus of CM has been a key tactic used primarily in organic produc-
tion [62]. Extremely high levels of resistance developed in Europe [63], and limited 
resistance has been reported in North America [64]. New products using other more 
effective virus strains have been developed [65]. The virus is typically used with oil 
and a microencapsulated pear ester formulation [66].

5.5 Pear psylla IPM

Pear psylla IPM is focused on managing both C. pyricola in North America and 
C. pyri (L.) in Europe [67]. Psyllid feeding and their production of honeydew causes 
russeting and black mold growth on the fruit and a downgrade to a processing 
market. Conventional pear management can include >10 sprays annually for psyllids 
and nearly 50% of the production costs [68]. Biocontrol of psyllids in these orchards 
is ineffective. In addition, PP has a remarkable history in developing resistance to 
insecticides, which limit the available chemical tools [38].

Several generalist predators can regulate PP populations in pear, such as mirids, 
lacewings, and earwigs [69]. Unfortunately, when and whether these agents will 
arrive at orchards and at a sufficient density to effectively crash PP populations 
is variable. Thresholds have been established for the key natural enemies [20]. 
Monitoring of key natural enemies with novel traps has replaced beating trays and 
allows managers to better assess their populations [70].

Many pear growers are not able to hold back from spraying while waiting for 
the uncertainty of effective biocontrol of PP to establish [68]. In some cases, 
selective integrated programs often become more effective after one or more 
years of adoption [71]. Thus, growers must face a management “tightrope” every 
year to deal with PP. Integrated studies have created successful program strate-
gies including selective insecticides, particle films, fruit washing, and reflective 
ground covers, but growers must persevere with these new integrated tactics to be 
effective [71].

5.6 Cherry

Cherry pest management is now impacted by two to three instead of one key 
pest. The management programs were based primarily on the tephritids Rhagolitis 
cerasi (L.) and R. indifferens (Curran), in Europe and North America, respectively, 
but are now upended by the spotted-wing drosophila (SWD), Drosophila suzukii 
(Matsumura), and outbreaks of Candidatus Phytoplasma pruni vectored by several 



75

Novel IPM Tools for Twenty-First Century Tree Fruits
DOI: http://dx.doi.org/10.5772/intechopen.1010279

leafhopper species [41, 43, 72]. Development of an organic bait (GF-120) for the 
Rhagolitis spp. is not effective for SWD [73]. Beyond the increase spray applications 
to manage these new pests, reflective ground cover, management of ground cover 
plants, and post-harvest particle films have been tested for leafhoppers [74]. New 
tools for SWD will be reviewed in a later section.

6.  Expanding old technologies

Expanding old technologies in tree fruits include several approaches that can be 
used for more than one pest.

6.1 Particle film technology

Particle film technology utilizes chemically inert clay or minerals applied over the 
tree canopy to protect crops from insects and heat stress [75]. The most commonly 
used particle films are kaolin clays, diatomaceous earth, and calcium carbonate pow-
ders. Arthropods such as psyllids and tortricid larvae can be repelled/deterred from 
settling or feeding on leaves and fruit coated with particle films [76, 77]. Particle films 
can have both positive and negative effects on orchard pests with their disruption of 
biocontrol, considered to be the greatest problem with repetitive use [78]. Currently, 
kaolin is used extensively pre-bloom in pears to reduce the oviposition of PP [71]. 
Summer use of particle films has been discouraged. However, the addition of 1% 
horticultural oil with particle films helps to suppress outbreaks of aphids. The impact 
of the extended summer use of sunburn protection with various particle films on pest 
management has surprisingly not been examined.

6.2 Pest exclusion

Pest Exclusion whether achieved at an orchard or a landscape level can provide 
significant pest protection. Immigration of CM females is a key factor influencing 
orchard management success [79]. Area-wide management programs where neigh-
boring growers work together to clean up CM infestations over a large area have been 
very successful [57, 80].

Exclusion netting provides a similar approach, but for individual growers and at a 
farm scale. The use of netting in apple and cherry orchards serves several important 
management purposes, including protection against hail, UV radiation, frugivorous 
birds, and insect pests [81]. The adoption of overhead permanent structures in the 
arid region of eastern Washington State has been primarily for sunburn protection of 
fruit [82]. Exclusion netting in Europe has been more directed for CM due to insec-
ticide resistance developing to both organic and conventional insecticides [63, 83]. 
Exclusion techniques evolved into single-row netting (Alt’Carpo) that completely 
enclosed each row separately and was removed each year [84]. Single-row netting 
was shown to be more effective against CM than the traditional hail netting [85]. The 
effectiveness of netting for CM appears to be placing netting tight around the canopy 
to interfere with moth sexual behaviors [86].

The positive impact of exclusion netting on several orchard pests has been detailed 
[56, 81]. Conversely, a few pests have become a more significant problem under nets 
[81, 87, 88]. The use of netting can also reduce levels of avian-caused fruit injury in 
certain varieties, such as “Honeycrisp” [86].
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6.3 Biological control

Biological control has become a much more important factor considered in 
constructing sustainable IPM programs. Organic spray programs are clearly crafted 
with some intention of maximizing biocontrol of both key and secondary pests [89]. 
Establishing natural enemies in conventional orchards is more difficult due to the 
seasonal application of pesticides. Classical and augmentative biocontrol are both 
important and have focused on both newly introduced pests such as BMSB and SWD 
and classic pests such as PP, aphids, and mealybugs.

Organic production of tree fruits has continued to increase since 2000, but 
oversupply has reduced the price differential it previously enjoyed over conven-
tional fruit [90]. Effective organic practices have continued to be limited, and 
some pests such as CM can be difficult to manage [91]. Other pests tend to be less 
important under organic management due to biocontrol, such as tortricid lea-
frollers [87, 89].

Generalist predators of many pests can play an important role in tree fruits, and 
their numbers and timing of their arrival are key impact factors [89]. Phenology 
models have been developed to optimize release timings and sprays [20, 92]. 
Landscape ecology is a determinant factor for the level of biocontrol attained in 
orchards [93]. Growers can also supplement biocontrol by purchasing natural 
enemies from insectaries and releasing by hand or with drones [94]. Efforts to draw 
natural enemies into the orchard have included the use of host plant volatile lures 
[17]. Augmentative transfers of the earwig, Forficula auricularia (L.), from stone 
fruit where they are considered to be a pest [95], to pear has been attempted [96]. Yet 
establishing earwigs is considered likely only if the orchard is transitioning to organic 
practices [96]. Thus, without organic production practices or a reduced conventional 
(i.e., IPM) spray program, realizing benefits from natural enemies in tree fruits is a 
struggle [97].

6.4 MD for non-lepidopteran pests

MD for non-lepidopteran pests now includes both coccid scale and pseudococcid 
mealybug pests (Hemiptera: Coccoidea) [98]. Within tree fruits, sex pheromone has 
been tested in successful MD field trials for San José Scale, Comstockaspis perniciosa 
(Comstock) [99]. The sex pheromone for pear psyllids have been identified but have 
not been tested in MD trials [100, 101]. The complex syntheses and formulations 
required with these pests are the major limitation in fully evaluating their potential. 
Also, the landscape ecology of the psyllids in and out of orchards likely limits this 
approach [102].

7.  The globalization of new pests (a plague upon all our houses)

The globalization of new pests (a plague upon all our houses) continues to be 
a threat to sustaining IPM in tree fruits. The loss of established selective programs 
relying on biocontrol and minimal sprays typically occurs when a new pest arrives 
in the orchard. For example, organic cherry production has been restricted by SWD 
[41]. The use of MD for CM is reconsidered if BSMB needs to be managed [42]. Also, 
new endemic pests have become more important, that is, Western X virus in cherry 
requiring extra sprays to kill leafhoppers that were not previously pests [43].
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7.1 BMSB

BMSB is a classic introduced-pest disrupting the established crop management 
that requires the development of area-wide “all available tools” IPM programs to 
achieve success [103]. Unfortunately, BMSB can feed on >300 plant species, and 
adults and nymphs move into orchards throughout the season from the surrounding 
landscape [104]. Early detection and novel management approaches to avoid the 
sole reliance on disruptive insecticide-based programs in tree fruits are essential. An 
aggregation pheromone is used in combination with a synergistic compound to moni-
tor BMSB [42]. Monitoring is typically with sticky panels or pyramid-shaped traps 
[105]. An action threshold has been defined [106], and area-wide pheromone-based 
trap networks have been deployed for monitoring [107]. Traps with both visual and 
chemical stimuli have been developed [108, 109]. BMSB adults communicate with 
vibrations, and studies have used these signals in combination with the pheromone 
to improve trapping [110]. Automated pest detection for BMSB is under investiga-
tion with different approaches, including the use of smart traps [111] and unmanned 
aerial vehicles [112].

BMSB management is primarily based on the chemical control with insecticides 
[113]. In orchards, the switch back to broad-spectrum insecticides and the need for 
repeated interventions across the season have disrupted the IPM programs for other 
pests [42]. New approaches have been tested for BSMB to minimize this disruption, 
such as weekly alternate row middle [106] and border sprays [114]. Noninsecticidal 
tools to manage BSMB include a number of simultaneous approaches. These can 
include: (i) exclusion netting [115]; (ii) natural products, kaolin, diatomaceous earth, 
sulfur [116]; (iii) attract-and-kill and mass trapping with its aggregation pheromone 
with or without insecticides using nets placed surrounding orchards [117–119]; (iv) 
trap cropping with alternative hosts [120]; and (v) natural and classical biocontrol 
with egg parasitoids [121, 122].

7.2 SWD

SWD is a destructive pest of small fruits including cherry [41]. Native to Western 
Asia, SWD has exhibited a rapid global expansion since 2008 [41]. Various trap-
ping and monitoring strategies have been developed to detect and manage SWD 
populations [123]. Unfortunately, sex pheromone extracts have proven ineffective 
for trapping SWD [124]. Recent development of sticky red cards with synthetic lures 
has greatly improved monitoring [125]. Rapid molecular assays have been developed 
to identify SWD [126]. Automatic detection of SWD among similar species has been 
developed using optical identification of wingbeats [127]. Deep learning algorithms 
have been programmed to sex SWD adults for use with a potential SIT program [128].

Effective management of SWD requires an integrated approach combining 
cultural, biological, and chemical control methods. Rapid harvest schedules, grow-
ing early-season fruit, removing dropped fruits after harvest, and pruning trees to 
improve sunlight penetration are effective nonchemical approaches [129]. Exclusion 
netting of cherry with a fine mesh provides a physical barrier against SWD infestation 
[130]. Parasitoid wasps have shown promise in reducing SWD populations, though 
their effectiveness varies by region [131, 132].

Insecticides remain a primary control method for SWD in cherry orchards, 
and resistance management involves rotating classes of active ingredients [133]. 
Insecticide efficacy can be enhanced by adjuvants that improve coverage and 



Advances in Entomology

78

Author details

Alan Lee Knight1, Michele Preti2* and Esteban Basoalto3

1 Instar Biologicals, Yakima, Washington, USA

2 Integrated Pest Management, Faenza, Italy

3 Facultad de Ciencias Agrarias y Alimentarias, Universidad Austral de Chile, 
Valdivia, Chile

*Address all correspondence to: mpreti1990@gmail.com

retention, as well as feeding stimulants that increase ingestion [73, 134, 135]. 
Attract-and-kill (infect) tactics and mass trapping techniques incorporating insec-
ticides have been developed [136–138]. Area-wide control strategies with SIT and 
genetic control have been proposed [139, 140].

8.  Conclusions

The human population is still exploding on earth, and agriculture faces a constant 
demand for greater output while maintaining excellent quality. Governmental regula-
tions that restrict tools that enhance production in order to “protect” public health 
are in direct conflict with this population growth. We believe as entomologists that 
technology can serve to create both safer and more abundant agricultural production. 
However, it will require increased funding to support the research needed to develop 
novel and more effective IPM tools.

© 2025 The Author(s). Licensee IntechOpen. This chapter is distributed under the terms of 
the Creative Commons Attribution License (http://creativecommons.org/licenses/by/4.0), 
which permits unrestricted use, distribution, and reproduction in any medium, provided 
the original work is properly cited. 
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Chapter 5

Classification of Insect Parasitic 
Nematodes and Potential of 
Entomopathogenic Nematodes as 
Biocontrol Agents against Insect 
Pests in Agriculture
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Abstract

Agricultural crops are subject to serious, significant, and widespread damage 
from attacks by a wide variety of harmful destructive pest species. Insect pests are the 
primary biotic stressors for crops and significantly reduce agricultural production. 
The herbivorous insects are responsible for the destruction of approximately one-fifth 
of global crop production each year. For controlling these insect pests, insecticides 
play a vital role in Integrated Pest Management (IPM), through which insects can be 
destroyed or the specific developmental stages of insects can be inhibited but with 
time, these insects develop resistance against synthetic chemical insecticides which is 
a very common problem in effective control of insect pests. Over the past few decades, 
interest in the use of nematodes as biological control of insect pests has increased dra-
matically throughout the globe. Thus, the classification of insect parasitic nematodes 
and the use of entomopathogenic nematodes as potential biocontrol agent against 
harmful insect pests are discussed in this chapter.

Keywords: insect parasitic nematodes, entomopathogenic nematodes, integrated pest 
management, Steinernema, Heterorhabditis, biocontrol

1.  Introduction

Agricultural crops have been facing distressing and considerable damage due to 
attack of a wide variety of destructive pest species. More than 10,000 insect species, 
30,000 weed species, 100,000 disease-causing organisms (fungi, viruses, bacteria, 
and other microbes), and ~ 1000 nematode species are known to cause severe damage 
to food plants around the world [1]. However, from all the identified pest species, less 
than 10% of species are considered major pests [2]. In relation to the insects, some 
species are beneficial but many of them are considered major pests which are harmful 
to the various crops. Insects infest on different parts of agricultural crops and cause 
significant yield losses.
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1.1  Insects as the primary biotic stressors for the crops and cause of economic loss 
in agriculture

Insect pests are the primary biotic stressors for the crops and significantly reduce 
the agricultural production. Based on the feeding habits of insects, they can be 
monophagous or polyphagous. The monophagous insect pest feeds on a single crop or 
grain while the polyphagous insect feeds on a variety of plant tissues and grains. The 
direct economic losses in the agricultural sector are associated with the consumption 
of dry matter, while indirect losses are caused by the contamination of damaged ker-
nels and processed products. It is estimated that herbivorous insects are responsible 
for the destruction of approximately one-fifth of global crop production each year. 
There has been a dramatic rise in the economic losses caused by insect pests in various 
agricultural crops, where the cotton crop suffers maximum losses (30%), followed by 
rice (25%), sugarcane (20%), rapeseed-mustard (20%), maize (18%), groundnut and 
pulses (15%), other oilseeds (12%), coarse cereals (8%), and wheat (5%) [2].

1.2 Direct and indirect damages caused by insect pests in agricultural crops

Insects are responsible for two main types of damage to developing crops and 
cause significant loss in agricultural production. The first is direct damage to the plant 
caused by the feeding insect, which burrows in stems, fruit, or roots or consumes 
leaves. Among the orthopterans, homopterans, heteropterans, coleopterans, lepi-
dopterans, and dipterans, there are hundreds of species of this kind of insect pest, 
both as adults and as larvae. The second type is indirect damage, where an insect pest 
itself causes little or no injury to the crop but carries diseases and infects a crop with 
a bacterial, viral, or fungal infection. For instance, aphids spread the viral diseases of 
potatoes and sugar beets from one plant to another.

1.3 Insects as destructive pests of crops, stored grains, and their products

The storage insects can be classified as primary and secondary pests based on their 
feeding habits. Primary insect pests are more destructive because they have the ability 
to attack intact plant tissues and crop derivatives. These insect pests typically perforate 
the plant and grain to feed and reproduce. They mainly feed on plant tissues such as tis-
sues of roots, shoots, fruits, and kernels and use these tissues as the ideal site for ovipo-
sition and subsequent growth and development of the larvae. The primary insect pests 
are found within the order Orthoptera, Lepidoptera, Coleoptera, and Hymenoptera. 
On the other hand, secondary insect pests are opportunistic in nature. They feed on 
plant tissues that are damaged or destroyed by primary insects, or by processed prod-
ucts like flours or grits or end products. Primary and secondary insects both use plant 
tissues as an ideal habitat for their life and reproduction. Globally, the crop-damaging 
insect group is dominated by the group of moths, which includes cutworm, armyworm, 
earworm, borer, and grain moth. The beetles (rootworm, wireworm, grub, grain borer, 
and weevil) are the second most destructive insect pests to crops. The group of insects 
that act as vectors for disease agents includes leafhoppers and aphids.

1.4 Insecticides in pest management

Insecticides play a vital role in controlling the insect pests under Integrated Pest 
Management (IPM), through which the insects can be destroyed or the specific 
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developmental stages of insects can be inhibited. The first large-scale application 
of pesticide (Paris green) in agriculture occurred in the 1860s as a result of massive 
Colorado potato beetle (a major pest of potato crop) infestations. Later, in the 1940s, 
other insecticides containing highly poisonous chemicals such as lead arsenate, 
calcium arsenate, and concentrated nicotine were also used in large quantities for 
controlling insect pests. But with time, the insects develop resistance against these 
synthetic chemical insecticides which is a very common problem in effective control 
of insect pests. As a result of which, the use of chemical pesticides has decreased and 
the biological methods of pest control have become more popular. Thus, over the past 
few decades, the interest in the use of nematodes as biocontrol agents to reduce the 
population of insect pests has increased dramatically throughout the globe.

2.  Insect parasitic nematodes

Nematodes have established a trophic relationship with insects. The association 
of nematodes with insects opens the door for these nematodes to migrate to new 
habitats as their insect hosts broaden their range, either through climate change or 
human activity [3]. The life-history strategies of nematode species that attack insects 
are varied. Some live inside the insect host like parasites but do not kill their host. 
Others have symbiotic bacteria that help them to kill the host quickly. Many parasitic 
nematodes undergo a “pre-parasitic” or “non-parasitic” phase where they do not 
need a host. In some cases, this period is spent within the eggshell where the enclosed 
juvenile waits to be eaten by the host. However, in many cases, juveniles hatch out 
from eggshells as free-living forms and utilize all the necessary natural resources 
which help them to sustain growth and development and also to establish the parasitic 
relationship with the host. They show different types of relationships with insects 
such as symbiosis, phoresis, obligate, and facultative parasitism [4]. Nematodes pos-
sess some capacity to find or attack the hosts. Many of them can enter into the insect’s 
body through their natural openings (such as mouth, spiracles, and anus) or wounds 
and often penetrate through rupturing the body cavity (haemocoel) of insects. Other 
nematodes can enter the insect gut passively when the nematodes or their eggs are 
ingested with food by the insect. Some nematodes bear teeth-like projections in their 
mouth and use them to penetrate the host cuticle and actively enter inside the insect 
host. However, the nematodes lacking teeth can also enter through the cuticle because 
they are equipped with some glands filled with tissue-damaging enzymes. Once they 
find the insect host, they can cause sterility, delayed development, reduced fecundity, 
aberrant behavior, or even death of the insect host by affecting their host’s morphol-
ogy and physiology. Some of them find and infect adult female insects and reach 
their ovary or eggs to colonize there. They do not kill their female insect host but take 
advantage of oviposition to spread themselves to other places where healthy immature 
insects would present. During the egg laying, the parasitized female deposits the 
nematode’s infective juveniles (IJs) instead of host eggs or lays the eggs along with IJs. 
Whereas, some nematodes (Steinernema and Heterorhabditis) are the natural enemies 
of insects, who actively seek out and locate insect hosts using volatile cues such as 
fecal matter of host, gradients of bacteria, carbon dioxide, and chemical signals 
from damaged plant roots. They enter the insect host and kill their host by producing 
toxins and suppressing their immune system and are known as entomopathogenic 
nematodes (EPNs). They simultaneously evade the host immune system and reduce 
the insect population by parasitism.
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Insect parasitic nematodes can be classified on the basis of the following different 
criteria-

i. Classification based on Lifestyle or Lifecycle;

ii. Classification based on Disease-causing Ability; and

iii. Classification based on Parasitic Strategies

2.1 Classification based on lifestyle or lifecycle

The parasitic nematodes have a wide variety of lifestyles or lifecycles. They are 
able to infect almost all species and families of organisms and are widely distributed 
in marine, land, and freshwater environments. All the parasitic nematodes depend on 
the host for their survival but due to their different lifestyle or lifecycle, the depen-
dency of nematodes on host can be varied. Depending on the host species, they may 
be highly specific to the host species or non-specific to the host species, and may or 
may not have free-living phases or intermediate hosts [5]. Based on the lifestyle or 
lifecycle, the insect-parasitic nematodes can be classified into two categories-.

2.1.1 Facultative parasitic nematodes

These parasitic nematodes do not depend on insect host for completing their 
lifecycle but once they come in contact with insect host, they become parasites. As 
they are independent, they have their own metabolic pathway and simple lifecycle. 
They are capable of reproducing outside the host. Several nematode species of the 
order Rhabditida and Tylenchida are facultative parasites of insects. The nematode 
Beddingia siricidicola (order Tylenchida) complicates its lifecycle in both ways, i.e., 
parasitic as well as free-living generations. They infect woodwasp (Sirex noctilio), 
but in the absence of the woodwasp, they continue their lifecycle as free-livings. 
They feed on the fungus Amylostereum chailletti, which occurs on the tree trunk 
and this is the only fungus consumed by Beddingia siricidicola nematode [6]. In the 
family Rhabditidae, most of the members primarily inhabit decaying organic matter 
in soil. One of the members of this family is Rhabditis insectivora, which is a faculta-
tive parasite that occurs as juveniles and adults in the haemocoel of the antelope 
beetle Dorcus parallelipipedus. Panagrellus ceylonensis is a bacterial-feeder free-living 
nematode but this nematode can enter the insect’s body, establish a colony there, 
and live inside the gut of insects as a facultative parasite [7]. They can reproduce 
inside the insect host without causing any harm to the insect host (e.g., about 48 
nematodes including adults and juveniles were recovered from the gut of a live and 
healthy butterfly M. leda) [7].

2.1.2 Obligate parasitic nematodes

Such parasitic nematodes are completely dependent on the host in order to 
complete their lifecycle. They do not have their own metabolic pathway and lead 
only parasitic life. As they are dependent on host, they have a complex lifecycle in 
which they are incapable of reproducing outside the host, due to which they require 
insect host for completing their lifecycle. Paraiotonchium autumnale (Tylenchida) is 
an obligatory insect parasitic nematode which infects and sterilizes their insect host 
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rather than killing immediately, whereas Steinernema spp. and Heterorhabditis spp. 
(Rhabditida) are the lethal obligatory parasites of insects.

2.2 Classification based on disease-causing ability

On the basis of disease-causing ability, the insect parasitic nematodes can be clas-
sified as mentioned below-.

2.2.1 Pathogenic or lethal parasitic nematodes

The parasitic nematodes not only deprive nourishment from the insect host but 
also cause disease to the host and are capable of killing them. Most of the species of 
Steinernema and Heterorhabditis are pathogenic or lethal to various insect hosts.

2.2.2 Non-pathogenic or non-lethal parasitic nematodes

The nematodes of this category do not cause disease to their host and develop 
within the living insect only to deprive nourishment from them. They are not lethal 
to their host because they do not have ability to kill their host. Panagrellus ceylonensis 
is a non-pathogenic or non-lethal insect parasitic nematode which does not cause 
disease to the insect host but can live inside the insect host to deprive nourishment 
from them.

2.2.3 Opportunistic parasitic nematodes

Normally, these parasitic nematodes do not cause disease to their insect host but 
under certain conditions such as impaired host immunity, they become pathogenic. 
Distolabrellus veechi nematodes are non-pathogenic nematodes, they usually do 
not cause disease to their insect host but can parasitize and kill their insect host in 
some cases.

2.3 Classification based on parasitic strategies

Based on the parasitic strategies, insect-parasitic nematodes can be classified into 
the following four categories-.

2.3.1 Parasitic castrators

The parasitic nematodes use parasitic castration strategy to destroy their host’s 
ability of reproduction partly or completely. An insect-parasitic nematode Howardula 
husseyi (Tylenchida: Allantonematidae) is a naturally occurring nematode of phorid 
fly (Megaselia halterata) which enters the fly larva and reproduces inside the host. 
Then, they develop inside the fly and start consuming the fly’s reproductive system. 
An infected female fly produces only a few offspring if available and when the 
infected female fly attempts to lay eggs, these nematodes are released back into the 
compost and casing. These released parasitic nematodes are again ready to infect 
other phorid larvae [8]. Other than this, an insect-parasitic nematode Sphaerularia 
bombi also alters the behavior of queens in different species of bumblebee (Bombus 
spp.) by infecting them and destroying their reproductive system through a parasitic 
castration strategy.
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2.3.2 Directly transmitted parasitic nematodes

These parasitic nematodes use host-finding strategies and reach the insect host on 
their own without using any vector for transmission. They infect only a single insect 
host in their lifetime. Usually, they cause mild to moderate pathology, but there are a 
few directly transmitted parasites that can be quite virulent. Insect-parasitic nema-
todes of the order Rhabditida and Tylenchida are examples of directly transmitted 
parasites. They enter inside the body of insect host through their natural openings 
(Steinernema spp. and Heterorhabditis spp.) or pierce the body wall of an insect host 
and gain direct access to the haemocoel (Hexatylina spp.) which is an extraordinary 
adaptation in parasitism.

2.3.3 Trophically transmitted parasitic nematodes

In this type of parasitic strategy, the parasitic nematodes passively enter the insect 
gut when these nematodes are eaten by a host. This is considered to be one of the 
most significant adaptive peaks for parasitism [9–12]. Streptopharagus pigmentatus is 
a spiruroid nematode which uses several species of dung beetle as their intermediate 
host and can infect a variety of Old World Monkeys, Macaca, Papio, etc.

2.3.4 Vector transmitted parasitic nematodes

These parasitic nematodes are dependent on the intermediate host (vector) to 
reach their definitive host. They always require two hosts to complete their lifecycle. 
The nematode Bursaphelenchus cocophilus is a primary agent that causes red-ring 
disease of coconuts and palms but it can be vectored by palm weevil Rhynchophorus 
palmarum (L.) [13, 14].

3.  Insect parasitic nematodes and their association with bacterial species

Insect parasitic nematodes generally occur in the soil and establish close associa-
tion with some bacterial species. Nematode species that attack insects have diverse 
life-history strategies where some of them feed on the insect host as parasites, but do 
not kill their host and others are associated with symbiotic bacteria that help them to 
cause rapid insect death. The nematodes belonging to the order Rhabditida have great 
ecological diversity and they are closely related to insects, which makes them impor-
tant for nematological research.

Nematodes belong to the families Steinernematidae and Heterorhabditidae are 
unique insect parasites because they are symbiotically associated with entomo-
pathogenic bacteria, due to which they are considered potential biocontrol agents to 
control insect pests. Furthermore, other soil-borne insect parasitic nematodes such 
as Oscheius and Acrobeloides species are also found in close associations with several 
bacteria. Although Oscheius species are facultative parasites, they can be lethal to some 
insect pests. They established association with entomopathogenic bacteria belonging 
to the genera Serratia [15–17]. Whereas Acrobeloides species showed association with 
different bacterial genera including Bacillus, Alcaligenes, Enterobacter, Klebsiella, and 
Pseudomonas [17].

Moreover, several other bacterivorous nematodes that are associated with 
insects belong to the families Panagrolaimidae, Mesorhabditidae, and Cephalobidae. 
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Nematodes of the Panagrellus genus Thorne, 1938 (family Panagrolaimidae), are 
bacterial-feeder and free-living in nature. Most of the Panagrellus species are discov-
ered from bacterial-rich environments, but these nematodes are also associated with 
insects as facultative parasites. Distolabrellus veechi is also a bacterivorous free-
living nematode which also could parasitize insects [18] and belongs to the family 
Mesorhabditidae. Other rhabditids have been reported to possess this characteristic, 
even though they are typically found on (as ectoparasites) or in insects (as endo-
parasite), and can develop on an artificial medium without the requirement of a host 
[19–21]. A list of insect parasitic nematodes and their associated bacterial species is 
mentioned in Table 1.

Nematode species Bacterial species Reference

Steinernema Xenorhabdus

S. abbasi X. indica Tsai et al. [22]

S. aciari X. ishibashii Kuwata et al. [23]

S. affine X. bovienii Akhurst and Boemare [24]

S. anatoliense X. nematophila Stock et al. [25]

S. apuliae X. kozodoii Tailliez et al. [26]

S. arenarium X. kozodoii Tailliez et al. [26]

S. australe X. magdalenensis Tailliez et al. [27]

S. bicornutum X. budapestensis Lengyel et al. [28]

S. beitlechemi X. khoisanae Cimen et al. [29]

S. biddulphi X. indica Cimen et al. [30]

S. boemarei X. kozodoii Tailliez et al. [26]

S. ceratophorum X. budapestensis Yang et al. [31]

S. costaricense X. szentirmaii Lengyel et al. [28]

S. cubanum X. poinarii Fischer-Le Saux et al. [32]

X. romanii Tailliez et al. [26]

S. carpocapsae X. nematophila Akhurst and Boemare [24]; Martens and 
Goodrich-Blair [33]; Stock et al. [25]

S. citrae X. bovienii Stokwe et al. [34]

S. diaprepesi X. doucetiae Tailliez et al. [26]

S. eapokense X. eapokensis Kämpfer et al. [35]

S. fabii X. khoisanae Abate et al. [36]

S. feltiae X. bovienii Akhurst and Boemare [24]; Ehlers et al. [37]; 
Stock et al. [25]

S. glaseri X. poinarii Akhurst [38]; Akhurst and Boemare [24]

S. hermaphroditum X. griffniae Tailliez et al. [26]

S. ichnusae X. bovienii Tarasco et al. [39]

S. intermedium X. bovienii Akhurst [38]; Akhurst and Boemare [24]

S. jefreyense X. khoisanae Dreyer [40]
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Nematode species Bacterial species Reference

S. khoisanae X. khoisanae Ferreira et al. [41]

S. karii X. hominickii Tailliez et al. [26]

S. kushidai X. japonicus Nishimura et al. [42]

S. kraussei Xenorhabdus sp. Akhurst [43]

X. bovienii Akhurst and Boemare [24]

S. khoisanae X. khoisanae Ferreira et al. [41]

S. khuongi X. poinarii Baniya and DiGennaro [44]

S. longicaudum X. ehlersii Lengyel et al. [28]

X. beddingii Akhurst and Boemare [24]

S. litorale X. bovienii Özdemir et al. [45]

S. litchii X. grifniae Dreyer [40]

S. monticolum Xenorhabdus sp. Kang et al. [46]

X. hominickii Tailliez et al. [26]

S. poinari X. bovienii Sajnaga et al. [47]

S. puertoricense X. romanii Tailliez et al. [26]

S. rarum X. szentirmaii Lengyel et al. [28]

S. riobrave X. cabanillasii Tailliez et al. [26]

S. sangi X. thuongxuanensis Kämpfer et al. [35]

X. vietnamensis, Kämpfer et al. [35]; Tailliez et al. [48]

S. scapterisci X. innexi Lengyel et al. [28]; Kim et al. [49]

S. scarabaei X. koppenhoeferi Tailliez et al. [26]

S. serratum X. ehlersii Lengyel et al. [28]

S. siamkayai X. stockiae Tailliez et al. [26]; Ardpairin et al. [50]

S. sacchari X. khoisanae Dreyer [40]

S. surkhetense X. stockiae Bhat et al. [51]

S. silvaticum X. bovienii Akhurst and Boemare [24]

Steinernema spp. X. miraniensis,
X. mauleonii

Tailliez et al. [26]

S. tbilisiensis X. bovienii Gorgadze et al. [52]

S. unicornum X. lircayensis Castaneda-Alvarez et al. [53]

S. vulcanicum X. kozodoii Clausi et al. [54]

S. yirgalemense X. indica Tamiru et al. [55]

Heterorhabditis Photorhabdus

H. atacamensis P. khanii subsp. 
guanajuatensis

Machado et al. [56]
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Nematode species Bacterial species Reference

H. bacteriophora P. luminescens Boemare et al. [57]; Stock et al. [25]

P. luminescens subsp. 
laumondii

Tailliez et al. [48]

P. luminescens subsp. kayaii

P. khanii Tailliez et al. [48]; Machado et al. [58]

P. luminescens subsp. 
thracensis

Machado et al. [58]

P. luminescens subsp. 
luminescens

P. kayaii

P. caribbeanensis

P. laumondii

P. stackebrandtii

P. thracensis

P. aegyptia Machado et al. [59]

Morganella morganii subsp. 
morganii

Loulou et al. [17]

H. baujardi P. namnaonensis Glaeser et al. [60]

P. luminescens

H. beicherriana P. bodei Machado et al. [58]

H. casmirica Photorhabdus laumondii 
subsp. clarkei

Bhat et al. [61]

H. downesi P. namnaonensis Glaeser et al. [60]

P. cinerea Machado et al. [58]

P. temperata

H. floridensis P. luminescens subsp. 
luminescens

Blackburn et al. [62]

H. georgiana P. luminescens subsp. akhurstii Machado et al. [58]

P. stackebrandtii

P. kleinii Plichta et al. [63]

H. gerrardi P. asymbiotica Akhurst et al. [64]

P. australis subsp. australis Plichta et al. [63]

P. luminescens subsp. 
thailandensis

Machado et al. [59]

P. australis Machado et al. [58]

H. indica P. akhurstii Machado et al. [58]
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4.  Entomopathogenic nematodes: Lethal obligatory parasites with 
bacterial symbionts

Entomopathogenic nematodes (EPNs) are the soil-inhabiting, lethal obligate 
parasites of a wide range of insects worldwide which kill their host rapidly. These 

Nematode species Bacterial species Reference

H. indicus P. luminescens subsp. akhurstii Machado et al. [59]

P. asymbiotica

P. aegyptia

H. marelatus P. tasmanensis Machado et al. [58]

H. maxicana P. luminescens subsp. 
mexicana

Machado et al. [56]

H. megidis P. temperate Toth and Lakatos [65]

P. temperata Fischer-Le Saux et al. [32]

P. cinerea Machado et al. [58]

H. noenieputensis P. luminescens subsp. 
noenieputensis

Ferreira et al. [41]

P. noenieputensis Machado et al. [58]

H. safricana P. luminescens subsp. 
laumondii

Geldenhuys et al. [66]

H. sonorensis P. luminescens subsp. 
sonorensis

Orozco et al. [67]

H. zealandica P. heterorhabditis Ferreira et al. [68]

P. tasmaniensis Machado et al. [58]

Heterorhabditis sp. P. hainanensis Tailliez et al. [48]; Machado et al. [58]

P. hindustanensis Machado et al. [69]

Oscheius Bacteria

O. chongmingensis Serratia nematodiphila Zhang et al. [70]; Zhan et al. [71]

Ochrobactrum tritici Fu & Liu [72]

Bacillus cereus

O. carolinensis Serratia marcescens Torres-Barragan et al. [73]

Enterococcus mundti

Achromobacter xylosoxidans

Providencia rettgeri

O. safricana Serratia marcescens Torres-Barragan et al. [73]

O. basothovii Serratia sp. Lephoto et al. [16]

O. microvilli Serratia sp. Zhou et al. [74]

Rhabditis Bacteria

Rhabditis blumi Alcaligenes faecalis Park et al. [75]

Flavobacterium sp.

Providencia vermicola

Table 1. 
Insect parasitic nematodes and their associated bacterial species.
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nematodes are symbiotically associated with entomopathogenic bacteria belonging 
to the family Enterobacteriacae, which makes them lethal obligatory insect parasites 
that affect a variety of insects including their larval forms and kill them within a short 
period of time. The first entomopathogenic nematode was described in 1923 [76, 77], 
since then more than 130 EPN species have been described so far from different 
geographical regions. EPNs have been described from 23 families of nematodes [78] 
but the EPNs, belonging to the families Steinernematidae and Heterorhabditidae, 
are the most promising and highly effective biological control agents against many 
insect pests [79]. The two major genera Steinernema and Heterorhabditis of these 
families are symbiotically associated with the bacteria of the genus Xenorhabdus and 
Photorhabdus, respectively. These symbiotic bacteria produce secondary metabolites 
that cause cytotoxic activity and suppress the immune system of insect resulting in 
septicaemia and death of host. The secondary metabolites produced by symbiotic 
bacteria also prevent the development of other bacteria, fungi, and protists in the 
abundant haemolymph of a dead insect (cadaver), making it an ideal environment for 
nematodes to multiply [80, 81]. If the color of infected cadaver becomes brown or tan, 
it is suspected that the insect was killed by Steinernematid nematodes, while in case of 
Heterorhabditid nematode, the color of cadaver turned into brick red [79]. This color 
difference in body of insect is caused by the pigment produced by the luminescence 
bacteria Photorhabdus [79, 82]. Recently, a bacterial strain Morganella morganii subsp. 
morganii was isolated from Heterorhabditis bacteriophora in Germany [17].

Other than Steinernema and Heterorhabditis species, there are some other nema-
tode species that have been described as EPNs including Oscheius chongmingensis 
(formerly known as Heterorhabditoides chongmingensis) [83], Oscheius carolinensis [84], 
Oscheius gingeri [85], Oscheius onirici [86], and Caenorhabditis briggsae [15]. However, 
Zhang et al. [87] differentiate scavengers and EPNs in their study and concluded that 
O. chongmingensis behaves more like a scavenger than an EPN and is considered a free-
living bacterivorous nematode.

5.  Lifestyle and survival mechanism of EPNs and free-living  
bacterivorous nematodes

The lifestyle of EPN and free-living bacterivorous nematodes is different and can 
be distinguished. The IJs of EPNs are associated with entomopathogenic bacterial 
symbionts that are passed down through many generations in which the IJs of EPNs 
are re-associated with their specific symbionts during the development of IJ stage 
[88]. The IJs either infect the healthy insects and act as true entomopathogens [89] 
or colonize already-dead insect and act as facultative scavenger [90, 91]. The ability 
to locate and attack hosts is one of the distinguishing features of EPNs. However, in 
some cases, EPNs utilize the scavenging tactics as a method of survival [90], where 
the IJs of EPNs are more attracted towards already-dead or infected hosts than 
towards live or healthy hosts [92]. After invading the host, they release their bacterial 
symbiont inside the insect host and utilize them to kill their host. Then they develop 
into adults inside the host and reproduce. EPNs require insect host in order to com-
plete their lifecycle because they are incapable of reproducing outside the host.

In contrast, free-living bacterivorous nematodes act as scavengers and are mostly 
attracted towards the dead infected insect and least attracted towards healthy, unin-
fected insect host (Figure 1). They do not depend on the insect host for completion 
of their lifecycle because they are capable of reproducing outside the host. As they 
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are independent, they have their own metabolic pathway and simple lifecycle. Also, 
they do not possess symbiotically associated pathogenic bacteria, but once they come 
in contact with insect host, they become parasitic and can act as facultative parasites. 
Moreover, bacterivorous nematodes play a vital role in many ecological processes, 
such as nutrient cycling and decomposition processes, thereby indirectly affecting 
primary production in natural ecosystems. Organic matter provides energy source and 
enhances bacterial growth, as a result of which bacteria release inorganic nitrogen and 
other essential nutrients which can be utilized to increase bacterial biomass. These 
bacterial communities attract other microorganisms and act as food source for them.

6.  Chemical and biological insecticides

To control agricultural insect pests, chemical pesticides are used continuously at 
high doses. The use of chemical pesticides has caused a number of issues, such as the 
resurgence of pests due to resistance and the destruction of natural predators. The 
large-scale use of pesticides not only costs a lot of money, but also causes residual 
effects, directly or indirectly, to animals, non-target soil fauna, and human beings. 
The increasing environmental concerns about the use of chemical pesticides and their 
decreasing availability reawakened the interest in biological control of insect pests. 
The primary purpose of implementing biological control programs is to reduce pest 
infestation so that consumers can purchase high-quality fruits, vegetables, and other 
plant-based products. Entomopathogenic nematodes have added a new dimension to 
Integrated Pest Management (IPM) strategies, due to which the interest in entomo-
pathogenic nematodes in biological control of insect pests has dramatically increased 
and many nematologists have done classical work on them.

7.  EPNs as bio-insecticides for control of insect pests

Entomopathogenic nematodes (EPNs) are widely distributed across the world and 
have been reported from a variety of natural and managed habitats and from different 
types of soils [93–95]. They are eco-friendly, safe to non-target organisms, have a great 

Figure 1. 
The survival strategies of EPNs and Scavenger nematodes [87].
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potential for reproduction [79], wide host range, easy to mass produce, capable of 
resisting under unfavorable conditions [96], easy to apply, and compatible with most 
insecticides [97]. After Bacillus thuringiensis [98], the second most utilized biological 
control agents are EPNs and they are used in high-value crops to reduce the popula-
tion of insect pests. Biological control using EPNs offers a number of advantages over 
chemical control, particularly in the environmental and nutritional domains.

In biological control programs, the foraging strategies of EPN are useful to recom-
mend an EPN species to be used as a biocontrol agent against insect pests. EPN species 
of genus Steinernema and Heterorhabditis are used as biocontrol agents because they 
have the ability to find and kill even deep-seated insects [99]. Moreover, they are 
fast-acting, cost-effective, and easy to handle. The EPN species with cruise foraging 
strategy are considered best to target immobile insect hosts in soil or in other cryp-
tic habitats. Whereas, the ambush foragers are not suitable for this purpose [100]. 
However, more and more field studies suggest that this distinction might be oversim-
plified. Although there are significant differences in the normal foraging behavior 
of species, being classified as an ambusher does not preclude success against distant 
cryptic insects. This is exemplified by the ability of S. carpocapsae, which can parasitize 
the larvae and pupae of the large pine weevil Hylobius abietis that lives under the bark 
of tree roots [101]. EPNs are considered beneficial to farmers because of their ability 
to locate and kill insect pests. They are preferred as excellent biological control agents 
due to some important and fascinating attributes including locating above and below 
ground insect pests, symbiotic association with pathogenic bacteria, i.e., Xenorhabdus 
spp. with Steinernema spp. and Photorhabdus spp. with Heterorhabditis spp., great 
reproductive potential, and high pathogenicity against insect pests. The biocontrol 
potential of various EPN species has been studied against different insect pests and 
found to be very effective to control targeted insect pests. For example, Heterorhabditis 
bacteriophora was tested against the mediterranean fruit fly Ceratitis capitata, 
Heterorhabditis zealandica tested against citrus mealy bug Planococcus citri [102–104], 
and Steinernema carpocapsae against the large pine weevil Hylobius abietis [105].

8.  The commercial success of EPNs

Numerous businesses and corporations are effectively manufacturing and market-
ing Heterorhabditis and Steinernema products in various nations around the globe. 
However, these nematodes are highly sensitive to environmental conditions (such as 
temperature, moisture, and sun exposure) which can influence their storage longevity 
and efficacy in the field. Nevertheless, various EPN species including S. carpocapsae, 
S. feltiae, S. riobrave, S. scapterisci, S. kushidai, S. kraussei, H. bacteriophora, H. megidis, 
H. downesi, and Heterorhabditis indica have been marketed as commercial products 
under different brand names. A list of insect pests commercially targeted with EPN 
species is provided in Table 2. On a global level, a number of species-specific EPNs 
are being utilized as biocontrol agents under various trade names such as Ecomask, 
Entonem, Scanmask, Heteromask, Nemasys, J-3 Max, Savior Weevil larvae, Lawn 
Patrol, Guardian, etc. and have shown the excellent remarkable results against the 
targeted insect pests. Commercially, the Bionema company (United Kingdom) and 
E-nema company (Europe) produce bioformulations using EPNs and earn millions of 
US dollars annually by selling these products. The significant interest and demand of 
EPN products have gradually increased in various countries such as the United States 
of America, Germany, Netherlands, Japan, Belgium, India, Austria, New Zealand, 
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Target Insect Pests Crop(s) infested by 
Insect

Efficacious EPN Species

Common name Scientific name

Armyworms Spodoptera spp. Vegetables Steinernema carpocapsae,
S. feltiae,
S. riobrave

Banana moth Opogona sachari Ornamentals Heterorhabditis 
bacteriophora,
S. carpocapsae

Banana root borer Cosmopolites sordidus Banana S. carpocapsae,
S. feltiae,
S. glaseri

Billbug Sphenophorus spp. Turf H. bacteriophora,
S. carpocapsae

Black cutworm Agrotis ipsilon Turf, vegetables S. carpocapsae

Black vine weevil Otiorhynchus sulcatus Berries, ornamentals H. bacteriophora,
H. downesi,
H. marelata,
H. megidi,
S. carpocapsae,
S. glaseri

Borers Synanthedon spp. and other 
sesiids

Fruit trees & ornamentals H. bacteriophora,
S. carpocapsae,
S. feltiae

Cat flea Ctenocephalides felis Home yard, turf S. carpocapsae

Citrus root weevil Pachnaeus spp. Citrus, ornamentals S. riobrave,
H. bacteriophora

Codling moth Cydia pomonella Pome fruit S. carpocapsae,
S. feltiae

Corn earworm Helicoverpa zea Vegetables S. carpocapsae,
S. feltiae,
S. riobrave

Corn rootworm Diabrotica spp. Vegetables H. bacteriophora,
S. carpocapsae

Cranberry girdler Chrysoteuchia topiaria Cranberries S. carpocapsae

Crane fly Diptera: Tipulidae Turf S. carpocapsae

Diaprepes root weevil Diaprepes abbreviatus Citrus, ornamentals H. bacteriophora,
S. carpocapsae

Fungus gnats Diptera: Sciaridae Mushrooms, greenhouse H. bacteriophora,
S. feltiae

Grape root borer Vitacea polistiformis Grapes H. zealandica,
H. bacteriophora

Iris borer Macronoctua onusta Iris H. bacteriophora,
S. carpocapsae

Large pine weevil Hylobius albietis Forest plantings H. downesi,
S. carpocapsae

Leafminers Liriomyza spp. Vegetables, ornamentals S. carpocapsae,
S. feltiae



105

Classification of Insect Parasitic Nematodes and Potential of Entomopathogenic Nematodes…
DOI: http://dx.doi.org/10.5772/intechopen.1009269

Australia, United Kingdom, Canada Kenya, and Poland. In 1980s, non-native EPN 
species S. carpocapsae and H. bacteriophora were mass produced by Ecomax company 
under the trade names, Green Commandos and Soil Commandos, respectively but the 
results under field conditions provided by these products were inconsistent in India, 
maybe due to their poor adaptability to Indian environmental conditions or due to 
their production or formulation problems. Later, both of these products were discon-
tinued and also withdrawn from the market at the same time. Therefore, the best and 
most effective strategy is to utilize indigenous species that are present locally which 
may provide outstanding results.

9.  Conclusion

In conclusion, nematodes associated with insects are considered beneficial 
organisms in agriculture and gardening because some of the nematodes have the 
ability to control the insect pest populations by destroying their soil-dwelling larvae, 
and free-living nematodes have the ability to improve the soil structure and grow-
ing process of plants by providing the nutrients to the soil. The tripartite interaction 
between Nematodes-Bacteria-Insects demonstrates a remarkable level of adapta-
tion and evolutionary cooperation. EPNs from the families Steinernematidae and 
Heterorhabditidae have been recognized as powerful biological control agents due 
to their synergistic combination with specific bacteria, mainly from the genera 
Xenorhabdus and Photorhabdus. The wide distribution of these nematodes and their 

Target Insect Pests Crop(s) infested by 
Insect

Efficacious EPN Species

Common name Scientific name

Mole crickets Scapteriscus spp. Turf S. carpocapsae,
S. riobrave,
S. scapterisci

Navel orangeworm Amyelois transitella Nut and fruit trees S. carpocapsae

Plum curculio Conotrachelus nenuphar Fruit trees S. riobrave

Scarab grubs Coleoptera: Scarabaeidae Turf, ornamentals H. bacteriophora,
S. carpocapsae,
S. glaseri,
S. scarabaei,
H. zealandica

Shore flies Scatella spp. Ornamentals S. carpocapsae,
S. feltiae

Strawberry root 
weevil

Otiorhynchus ovatus Berries H. marelata

Small hive beetle Aethina tumida Bee hives H. indica,
S. riobrave

Sweetpotato weevil Cylas formicarius Sweet potato H. bacteriophora,
S. carpocapsae,
S. feltiae

Table 2. 
List of insect pests commercially targeted with EPNs.
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ecological adaptability makes them potential bio-agents which can be utilized in 
integrated pest management strategies to manage various soil-inhabiting insect pests 
in various agricultural systems.
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Chapter 6

Expanding Host Range of Invasive 
Pest Scirtothrips dorsalis Hood  
in the U.S.A.
Sriyanka Lahiri and Chastity Perry

Abstract

The invasive thrips pest Scirtothrips dorsalis Hood has emerged as an important 
economic pest of strawberries and other specialty crops in FL, U.S.A. The alternate 
plant hosts being utilized by this pest during non-crop seasons is unknown and this 
information can benefit integrated pest management of S. dorsalis. Therefore, the 
objective of this two-year field study was to identify reproductive hosts of S. dorsalis 
in the woodland borders of strawberry fields. The hypothesis was that S. dorsalis has 
a weak dispersal capability and shows aggregated distribution on a range of plant 
families, therefore, several wild plants may be acting as hosts around crop farms. By 
conducting data collection in multiple commercial strawberry fields, several wild 
plant hosts were confirmed as reproductive hosts of S. dorsalis. These host plants 
include muscadine grape, Laurel cherry, sugarberry, Spanish needles, Peruvian water 
primrose, ragweed, sweetgum, and water oak. The temporal distribution of S. dorsalis 
on these plants across the commercial field sites on a monthly basis was also reported 
in this study. This finding can be applied for targeted biological control efforts, both 
in the case of augmentative and conservation biological control of S. dorsalis.

Keywords: chili thrips, woodland, reproductive host, biological control, strawberry

1.  Introduction

Woodland and weedy areas around farms have played an important role in 
the establishment of certain invasive pests in the U.S.A. due to the availability of 
alternate plant hosts and refuge sites during non-cropping periods of the year. 
Examples include kudzu bug, Megacopta cribraria F. (Hemiptera: Plataspidae), and 
brown marmorated stink bug, Halyomorpha halys Stal (Hemiptera: Pentatomidae) 
[1, 2]. However, it is important to note that these landscapes have also provided an 
opportunity for native natural enemies to suppress the invasive pests. Megacopta 
cribraria suffered severe infection from entomopathogenic fungal strains while 
overwintering among the kudzu vines in woodlands in the southeastern U.S.A. [1]. 
Since 2015, the chili thrips Scirtothrips dorsalis Hood (Thysanoptera: Thripidae) has 
emerged as a severely damaging pest of strawberry, Fragaria x ananassa Duchesne 
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(Rosaceae) in the state of Florida (Figure 1). As is the case among thrips, S. dorsalis 
lays its eggs inside leaf tissues (Figure 2). Endemic to the southeast Asian region, 
S. dorsalis is known to have a broad host range. Regionally, Florida is the only 
state in the U.S.A. that produces strawberries for the fresh food market during 
the winter months from November to March, with an estimated annual revenue 
of $511 million [3]. As the second largest producer of strawberry in the U.S.A., 
fruit losses from feeding damage caused by S. dorsalis causes economic hardship 

Figure 1. 
Female Scirtothrips dorsalis Hood. The adult, and first and second instar larvae are feeding stages with a 
preference for young foliage and fruits. Image credit: Joseph Montemayor, UF/IFAS GCREC.

Figure 2. 
Eggs of Scirtothrips dorsalis Hood visible as light red grains inside strawberry leaf tissue. Image credit: Lovely 
Adhikary, UF/IFAS GCREC.
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to the industry. Scirtothrips dorsalis is a foliage feeder that colonizes strawberry 
transplants when they have young foliage, causing necrosis of leaves and abortion 
of flowers. Fruits, if present, also suffer feeding losses from S. dorsalis, that tend 
to hide under the fruit calyx and cause bronzing and cracking of fruits. Plants that 
are left untreated with any chemical insecticide may produce 1/8th marketable fruit 
yield compared to those plants that are treated with spinosyn based insecticides. 
Additionally, the management of S. dorsalis is difficult as it shows development of 
resistance to chemical insecticides such as spinosyns, diamides, acetamiprid, and 
pyrethroid [4]. Although an urgent development of an integrated pest management 
approach is needed to manage S. dorsalis, knowledge is still limited regarding its 
expanding host range in the U.S.A.

Since its arrival in the continental U.S.A., roses (Rosaceae), peppers (Solanaceae), 
strawberry (Rosaceae), blueberry (Ericaceae), and citrus (Rutaceae) have been 
reported as crop hosts in the state of Florida, alone. In 2023, additional confirmations 
regarding crop hosts included hydrangea (Hydrangeaceae) from New Jersey, U.S.A. 
[5]. However, the whereabouts of S. dorsalis after crop termination has been unclear. 
The refugia and food resources utilized by S. dorsalis during this period could shed 
further light on the population dynamics of this pest.

Therefore, the objective of this study was to identify alternative hosts of S. dorsalis 
being utilized after crop termination of strawberry and pepper. The presence of 
adults and larval stages of S. dorsalis on any wild plants over several summer months 
would indicate the expansion of its host range to include new reproductive hosts. 
Changes in population peaks would also indicate their migration patterns in and out 
of the alternate refuge areas.

2.  Materials and methods

Scirtothrips dorsalis monitoring in woodland borders occurred in three commercial 
strawberry fields in Hillsborough County, FL, U.S.A. (28.0236825, −82.2036973) 
between June 2023 and July 2024. During both years, two conventional fields and one 
organic field were monitored for this study. Wild plants and trees were sampled once 
a month along the field borders based on the report that S. dorsalis tend to migrate 
into the outer edges of strawberry fields at the beginning of strawberry field season 
and dwell within 100 m from the field edge [6]. In 2023, fifteen plant species were 
collected (six weed species and nine tree species), and in 2024, seventeen species were 
collected (ten weed species and seven tree species). Plants were marked and num-
bered using marking tape to continue sampling from the same plants throughout the 
year. Five to six young leaves or trifoliates were collected per plant species per farm 
and stored in a sealed plastic bag. A pole saw (Hyper Tough, Libertyville, IL, U.S.A) 
was used to access young leaves from taller trees when appropriate. The samples were 
placed in a cooler and transported back to the entomology laboratory at the University 
of Florida, Gulf Coast Research and Education Center, FL, U.S.A. (27.7611241, 
−82.2302406), for processing. All samples were left to incubate for five to seven days 
after collection to allow for any S. dorsalis eggs to hatch. After incubation, the samples 
were washed with 70% ethanol solution and all S. dorsalis were counted and identi-
fied under a microscope with the use of taxonomic keys [7]. Absolute count of adult 
and larval S. dorsalis per plant species per field site was recorded. Plant species were 
confirmed using identification keys [8, 9]. The samples extracted from these collec-
tions were also submitted to the Florida Department of Agriculture and Consumer 
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Services (FDACS), Division of Plant Industry (DPI), Gainesville, FL, U.S.A., for 
species confirmation.

The absolute numbers of S. dorsalis adults and larvae are reported here as untrans-
formed data.

3.  Results

A sample of the thrips sent to FDACS-DPI was confirmed to contain S. dorsalis 
(Sample number 10062023–10412). During June to December 2023, a total of twenty 
wild plant species were sampled across the three commercial strawberry fields. Nine 
plant species, Spanish needles [Bidens alba (L.) DC.; Asteraceae], Darlington oak 
[Quercus hemisphaerica Bartram ex Willd.; Fagaceae], muscadine grape (Vitis rotun-
difolia Michx.; Vitaceae], Carolina Laurel cherry [Prunus caroliniana (Mill.) Aiton; 
Rosaceae], painted spurge [Euphorbia heterophylla L.; Euphorbiaceae], Peruvian 
water primrose [Ludwigia peruviana (L.) H. Hara; Onagraceae], ragweed [Ambrosia 
psilostachya L.; Asteraceae], sweetgum [Liquidambar styraciflua L.; Altingiaceae], and 
water oak [Quercus nigra L.; Fagaceae], had both adult and larval stages of S. dorsalis 
(Table 1). Two plant species, Laurel oak [Quercus laurifolia Michx.; Fagaceae], and 
sugarberry [Celtis laevigata Willdenow; Cannabaceae] had larval S. dorsalis only, 
whereas camphor-tree [Cinnamomum camphora (L.) J.Presl.; Lauraceae] had adults 
only. The eight wild plants that did not host S. dorsalis were beautyberry [Callicarpa 
spp. L.; Lamiaceae], bitter melon [Momordica charantia L., Cucurbitaceae], Caesar’s 
weed [Urena lobata L.; Malvaceae], coffee senna [Senna occidentalis (L.) Link; 
Fabaceae], elderberry [Sambucus canadensis L.; Adoxaceae], southern live oak 
[Quercus virginiana Mill.; Fabaceae], southern red oak [Quercus falcata Michx.; 
Fagaceae], and sunn hemp [Crotolaria juncea L. Fabaceae].

Muscadine grapes and Carolina Laurel cherry had S. dorsalis adult and larvae 
during the entire non-crop season from June through October 2023. The occur-
rence of S. dorsalis on the other plant species was sporadic every month, with 
ragweed hosting 6 adults and 23 S. dorsalis larvae only in the month of July 
(Table 1). Only two of the three field sites had ragweed, and of those two, only 
one site had ragweed infested with S. dorsalis. Interestingly, during the month of 
November when S. dorsalis could no longer be detected on the wild plants, only 
four wild plants, Spanish needles, painted spurge, sugarberry, and Peruvian water 
primrose hosted S. dorsalis.

In 2024, monthly sampling continued from January through July covering seven-
teen plant species. Florida maple [Acer saccharum subsp. floridanum (Chapm.) Pax; 
Sapindaceae] was added to the sampling list. Southern live oak, southern red oak, 
Darlington oak, and sunn hemp were not sampled in 2024 due to lack or negligible 
occurrence of S. dorsalis on these species in 2023. Some field sites no longer had 
enough wild specimens of these plant species and were thus eliminated from the 
sampling list. The first record of S. dorsalis in 2024 was found on April 5th on Spanish 
needles, muscadine grape, sugarberry, and Laurel cherry.

In fact, on Peruvian water primrose, only S. dorsalis larva was recorded on this 
date, and both adults and larvae were recorded during rest of the sampling dates 
through July. An infestation on sweetgum was confirmed but not until May. In 
ragweed, both adult and larval S. dorsalis started appearing in June and July. Florida 
maple was found to host a few S. dorsalis adults and larvae only in July, not before. 
Overall, all the plants were found to host both adult and larval S. dorsalis populations. 
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Date Plant S. dorsalis 
adults

S. dorsalis 
larvae

Farm

June 5, 2023

Grape, Vitis rotundifolia Michx. 0 1 Farm 1

0 6 Farm 2

Laurel cherry, Prunus caroliniana (Mill.) Aiton 2 2 Farm 1

1 13 Farm 2

Sugarberry, Celtis laevigata Willdenow 0 5 Farm 2

Darlington oak, Quercus hemisphaerica Bartram 
ex Willd.

0 3 Farm 3

July 7, 2023

Ragweed, Ambrosia psilostachya L. 6 23 Farm 1

Grape, Vitis rotundifolia Michx. 2 4 Farm 1

1 3 Farm 2

Laurel cherry, Prunus caroliniana (Mill.) Aiton 9 12 Farm 1

1 6 Farm 2

Sweet gum, Liquidambar styraciflua L. 2 3 Farm 2

Camphor tree, Cinnamomum camphora (L.) 
J.Presl.

1 0 Farm 2

Water oak, Quercus nigra L. 1 2 Farm 2

Darlington oak, Quercus hemisphaerica Bartram 
ex Willd.

1 1 Farm 3

Aug 3, 2023

Grape, Vitis rotundifolia Michx. 1 2 Farm 1

Laurel cherry, Prunus caroliniana (Mill.) Aiton 1 3 Farm 1

1 2 Farm 2

Camphor tree, Cinnamomum camphora (L.) 
J.Presl.

1 0 Farm 2

Water oak, Quercus nigra L. 1 1 Farm 2

Sep 6, 2023

Spanish needles, Bidens alba (L.) 0 2 Farm 1

1 0 Farm 2

0 1 Farm 3

Grape, Vitis rotundifolia Michx. 1 11 Farm 1

Laurel cherry, Prunus caroliniana (Mill.) Aiton 1 3 Farm 1

1 1 Farm 2

Laurel oak, Quercus laurifolia Michx. 0 1 Farm 2

Oct 10, 2023 Spanish needles, Bidens alba (L.) 0 2 Farm 1

1 0 Farm 2

Grape, Vitis rotundifolia Michx. 2 1 Farm 1

0 3 Farm 2
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Date Plant S. dorsalis 
adults

S. dorsalis 
larvae

Farm

Laurel cherry, Prunus caroliniana (Mill.) Aiton 2 1 Farm 1

2 5 Farm 2

Nov 2, 2023 Painted spurge, Euphorbia heterophylla L. 1 1 Farm 1

Peruvian water primrose, Ludwigia peruviana 
(L.) H. Hara

2 3 Farm 1

Grape, Vitis rotundifolia Michx. 0 3 Farm 2

Spanish needles, Bidens alba (L.) 1 2 Farm 2

Sugarberry, Celtis laevigata Willdenow 0 2 Farm 2

Apr 5, 2024 Spanish needles, Bidens alba (L.) 1 1 Farm 3

1 1 Farm 2

Peruvian water primrose, Ludwigia peruviana 
(L.) H. Hara

0 1 Farm 3

Grape, Vitis rotundifolia Michx. 1 1 Farm 3

0 1 Farm 2

Sugarberry, Celtis laevigata Willdenow 1 1 Farm 2

Laurel cherry, Prunus caroliniana (Mill.) Aiton 2 1 Farm 2

May 7, 2024 Spanish needles, Bidens alba (L.) 2 3 Farm 3

1 2 Farm 2

Peruvian water primrose, Ludwigia peruviana 
(L.) H. Hara

1 1 Farm 3

Grape, Vitis rotundifolia Michx. 1 1 Farm 3

1 1 Farm 2

Sweetgum, Liquidambar styraciflua L. 1 1 Farm 2

Sugarberry, Celtis laevigata Willdenow 1 1 Farm 2

Laurel cherry, Prunus caroliniana (Mill.) Aiton 2 1 Farm 2

June 7, 2024 Spanish needles, Bidens alba (L.) 3 2 Farm 3

4 1 Farm 2

Peruvian water primrose, Ludwigia peruviana 
(L.) H. Hara

1 1 Farm 3

Ragweed, Ambrosia psilostachya L. 2 1 Farm 3

Grape, Vitis rotundifolia Michx. 2 1 Farm 2

Sweetgum, Liquidambar styraciflua L. 2 2 Farm 2

Sugarberry, Celtis laevigata Willdenow 2 1 Farm 2

Laurel cherry, Prunus caroliniana (Mill.) Aiton 1 3 Farm 2

Water oak, Quercus nigra L. 1 0 Farm 2

July 19, 2024 Spanish needles, Bidens alba (L.) 2 2 Farm 3

3 2 Farm 2

Peruvian water primrose, Ludwigia peruviana 
(L.) H. Hara

3 2 Farm 3



123

Expanding Host Range of Invasive Pest Scirtothrips dorsalis Hood in the U.S.A.
DOI: http://dx.doi.org/10.5772/intechopen.1010077

The plant species not hosting S. dorsalis during January to July 2024 sampling event 
were beautyberry, bitter melon, camphor, Caesar’s weed, coffee senna, elderberry, 
Laurel oak, and painted spurge.

4.  Discussion

This field study shows that the wild plants in woodland borders around  
strawberry fields of Florida start getting infested with S. dorsalis around first week 
of April and the infestation within the woodland may persist till first week of 
November. This is in synch with the strawberry crop season as the strawberry crop 
in FL, U.S.A., spans between September to May [10]. As the strawberry crop season 
comes to an end, S. dorsalis start migrating back into the woodland areas around 
these fields to colonize certain plant species in April. In the following strawberry 
crop season, as the bulk of strawberry transplanting and crop development begins in 
September to early October, S. dorsalis start migrating back into the strawberry crop. 
This points to the consistent proximity of S. dorsalis to the annual strawberry crop in 
FL, and the ability of this invasive species to capitalize on natural resources when its 
preferred host is absent.

Previous studies have reported that S. dorsalis prefer host plants with lower height 
versus taller crops and have a weak dispersal capability. According to one study, dur-
ing six weeks, S. dorsalis moved a maximum of 12 m from their reservoir population 
[11]. In strawberry fields, S. dorsalis migrated to a maximum of 100 m inside the fields 
over four months from field border and its population hotspots remain aggregated 
mostly within the 50 m distance from the field border [4]. In open-field strawberry, 
S. dorsalis clearly showed a preference for the field edge over field interior areas [4]. 
Kumar et al. [11] also reported that flight activity of S. dorsalis was found to be the 
highest between 10:00 AM and 4:00 PM where the peak solar radiation was recorded 
at ~337–653 w/sq. m. With limited flight activity, S. dorsalis prefers to inhabit the field 

Date Plant S. dorsalis 
adults

S. dorsalis 
larvae

Farm

Ragweed, Ambrosia psilostachya L. 1 1 Farm 3

Grape, Vitis rotundifolia Michx. 2 3 Farm 3

2 2 Farm 2

Florida maple, Acer saccharum subsp. floridanum 
(Chapm.) Pax

1 1 Farm 3

Sweetgum, Liquidambar styraciflua L. 1 2 Farm 2

Sugarberry, Celtis laevigata Willdenow 2 2 Farm 2

Laurel cherry, Prunus caroliniana (Mill.) Aiton 2 2 Farm 2

Water oak, Quercus nigra L. 1 1 Farm 2

Table 1. 
Number of S. dorsalis adult and larvae on each sampling date and plant species in June 2023–July 2024. Sampling 
dates across Farms 1, 2, and 3 in Hillsborough County, Florida, U.S.A are June 5, July 7, August 3, September 6, 
October 10, November 2, December 4 in 2023 and January 3, February 5, March 5, April 5, May 7, June 7, and 
July 19 in 2024. Only plant species with confirmed S. dorsalis adult and larval populations are reported in this 
table. Only sampling dates when S. dorsalis were confirmed are reported here.
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edge ecosystem where they can easily migrate in and out of crops when crop health 
and phenology is conducive for their rapid growth.

Wild plant species such as muscadine grape, Laurel cherry, sugarberry, Spanish 
needles, Peruvian water primrose, ragweed, sweetgum, and water oak showed consistent 
infestation with S. dorsalis during both summer non-crop seasons in this study. The 
plant species not hosting S. dorsalis during both non-crop seasons in 2023 and 2024 were 
beautyberry, bitter melon, camphor, Caesar’s weed, coffee senna, elderberry, and Laurel 
oak. The painted spurge weed was unique because S. dorsalis infestation was confirmed 
from it in 2023 but not in 2024. Florida maple was only sampled in 2024 summer and S. 
dorsalis was found reproducing on this plant. The information regarding successfully used 
wild host plants has important implications on management tools for S. dorsalis. These 
plant species can be used for a targeted augmentative biological control program where 
biological control agents can be specifically deployed on these plants to facilitate extended 
interaction with S. dorsalis and avoid non-target impacts. This could also lower the cost 
of pesticide application for growers during crop season. These alternative wild hosts of S. 
dorsalis should be considered as ecosystem resources, where natural enemies of S. dorsalis 
can freely interact with a persistent pest population without experiencing lethal/sub-
lethal non-target effects of conventional insecticides.

The wide host range of S. dorsalis is well documented among crop hosts [5, 12]. 
This study contributes to our understanding of host range expansion capabilities of S. 
dorsalis with regards to wild plants or non-crop hosts within its new invasive region of 
the U.S.A. This information is also relevant to the other invasive ranges of S. dorsalis in 
the world as these plant families are commonly found across the globe. Plant families 
previously reported within the U.S.A host range of S. dorsalis that also occurred in this 
field study are Asteraceae (false daisy, Eclipta prostrata (L.); marigold little orange, 
Tagetes erecta L.; zinnia Zahara yellow, Zinnia marylandica; common yarrow, Achillea 
millefolium; osteospermum daisy bushes, Osteospermum ecklonis; Spanish needle; 
purple coneflower, Echinacea purpurea), Malvaceae (cotton, Gossypium hirsutum L.; 
hibiscus, Hibiscus rosa-sinensis), Fabaceae (thirteen species including peanut, ground-
nut, Arachis hypogaea L.; soybean, Glycine max (L.) Merr.), Rosaceae (rose, Rosa spp.; 
peach Prunus persica (L.) Batsch; Pyrus spp.; Rubus spp.), and Sapindaceae (litchi, 
lychee, Litchi chinensis Sonn.) [5, 12–14].

Figure 3. 
Adult minute pirate bug, Orius insidiosus Say feeding on an S. dorsalis larva. Image credit: Lovely Adhikary, 
UF/IFAS GCREC.
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However, some new plant families being reported from U.S.A for the first time 
in this study as hosts of S. dorsalis include Fagaceae, Onagraceae, Altingiaceae, 
Cannabaceae, and Lauraceae. This information is useful because a survey of 
natural enemies can now be targeted, and conservation of natural enemies can be 
planned based on the occurrence of these plant species in woodlands. These natural 
enemies include Orius spp. (Hemiptera: Anthocoridae) (Figure 3) and Geocoris spp. 
(Hemiptera: Geocoridae) (Figure 4).

Integrated pest management of invasive species needs to involve non-crop seasons 
and woodland border areas, so that farms can be more resilient, relying less on chemi-
cal control tactics alone. Knowledge of plant hosts being utilized by invasive species 
throughout the year can improve IPM of pests during the crop season. The baseline 
information provided in this study can benefit IPM for S. dorsalis within the U.S.A., 
and its new global range.

5.  Conclusion

This book chapter reports the plant hosts discovered to be serving as the reproduc-
tive hosts of the invasive thrips species, Scirtothrips dorsalis Hood in Florida, U.S.A. 
The report is based on a two-year field study in woodland border areas of commercial 
strawberry fields, where S. dorsalis have established themselves as an economically 
devastating pest of the strawberry crop. The findings in this study have far-reaching 
implications for integrated pest management, especially augmentative and conserva-
tion biological control efforts to manage this invasive pest within U.S. and all global 
regions falling within the invasive range of S. dorsalis.
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Chapter 7

The Role of Metals in Biological 
Control of Insects
Inam Ullah, Hafza Wajeeha Ijaz, Yudie Ma and Minglin Lang

Abstract

Metals are essential to insect physiology and play a crucial role in biological control 
strategies for managing pest populations. This chapter explores the dual roles of 
metals as vital micronutrients and disruptors of insect homeostasis, focusing on their 
uptake, regulation, and detoxification mechanisms in pest and beneficial insects. We 
examine the influence of metals on insect development, reproduction, and immu-
nity, with an emphasis on their role in metalloprotein enzymes. Additionally, the 
chapter delves into metal-based pest-control strategies, including metal-containing 
pesticides, nanoparticles, and their integration with biological control methods. 
Emphasis is placed on the synergistic effects of metals with natural biocontrol agents 
and their role in integrated pest management. Challenges, such as environmental 
accumulation, resistance development, and non-target toxicity, are addressed along-
side sustainable approaches and emerging biotechnologies like CRISPR (Clustered 
Regularly Interspaced Short Palindromic Repeats) and RNAi (RNA interference). By 
bridging the gap between metal regulation and pest control, this chapter provides 
novel insights into leveraging metals for effective, eco-friendly pest management.

Keywords: insect physiology, nanoparticles, homeostasis, agriculture, predatory 
insects

1.  Introduction

The loss of crops to pests and diseases is the primary worry of farmers, irrespective 
of whatever production strategy they use. A pest is any undesired insect that harms 
and competes with crops. Insects, pests, and weeds annually destroy 40% of all food 
crops [1, 2]. Various traditional pesticides, including carbamates, organophosphates, 
and organochlorines, were created [3]. The pest management industry is continu-
ously looking for new ways to manage pests. Predators, parasites, and parasitoids, 
collectively called “natural enemies,” which attack and kill pest populations frequently 
in nature are also exploited to enhance their pest predation potential, and some plants 
develop resistance to some pests [4–6]. Pests limit plant density, restrict plant growth, 
and produce less than what is needed. Several strategies are adopted for pest manage-
ment depending on the circumstances, the kind of pests, and the degree of interven-
tion needed. Among those cultural pest management techniques are crop rotation, 
appropriate irrigation, sanitation, pruning, and companion planting [7].
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Metals are used to intervene in chemical or biological processes. Both essential and 
non-essential metals have an intriguing and frequently overlooked role in the biologi-
cal regulation of insects. Pesticide formulations frequently contain metals, and some 
metallic compounds are naturally insecticidal [8, 9]. These substances can interfere with 
the physiological functions, behavior, and metabolism of insects. Metals also have an 
impact on several beneficial organisms utilized in biological pest control, either directly 
or indirectly through their operating environment. The presence or concentration of 
metals in the environment can affect how well natural enemies, such as parasitoids, 
predators, and pathogens, control pests. For instance, these helpful organisms’ behavior 
or ability to survive can be changed by metal contamination in soil or water [10, 11].

It has been discovered that certain metals interact with metabolic pathways to affect 
insect development and reproduction. Insect populations may be lowered as a result 
of this interaction, which may either slow growth or speed up the life cycle [9]. Some 
studies have suggested that higher concentrations of metals can affect insect molting 
and metamorphosis, leading to developmental failure [12]. Some metal-based inter-
ventions can disturb calcium homeostasis, making insects more vulnerable to dehydra-
tion or predation. Certain metals can change the behavior of insects, which could result 
in fewer of them or make it simpler for predators or traps to control them [13]. Some 
metals affect the attraction or repulsion of insects. For example, zinc has been shown 
to interfere with some insect species’ sensory receptors, making it more difficult for 
the insects to find food or potential mates. Similarly, some metals can impair an insect’s 
capacity to produce or sense pheromones, which are necessary for communication and 
mating [14, 15]. Metals used in pest control must be used carefully to reduce hazards 
to the environment and human health. Investigation into the safe and efficient use of 
metal-based techniques may lead to integrated pest management and environmentally 
friendly replacements for the use of conventional chemical pesticides.

2.  Metal ion transporters and homeostasis

Integral membrane proteins that transport metal ions across biological membranes 
are known as metal ion transporters. These transporters are critically important for 
proper cellular function and overall physiological balance in insects. They are respon-
sible for the uptake, distribution, and excretion of essential metal ions, including iron 
(Fe), copper (Cu), zinc (Zn), and manganese (Mn), and for the regulation of potentially 
toxic metals, such as cadmium (Cd) and lead (Pb) [16]. Insect physiology depends on 
metal ion homeostasis, a fine balance of essential metal ions in cells and tissues. Many 
biological functions depend on this process, which is highly regulated and must be main-
tained at optimal ion concentrations to avoid toxicity [9]. Understanding the structure-
function relationship of these metal transporters and homeostatic mechanisms is not 
only important for understanding insect and microbial pest physiology, but also has 
potential applications in pest management and environmental monitoring, as shown in 
Figure 1. Disrupting metal ion homeostasis could be a target for novel pesticides.

2.1 Metal uptake

Insects normally absorb metals after eating through their midgut. The intestinal 
epithelium allows metal ions to pass into the hemolymph (insect blood). Strict control 
is made on this uptake to make sure that only essential metals, like Fe, Cu, or Zn, 
are absorbed at the proper levels and that potentially dangerous metals, like Cd, are 
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reduced. Some ion channels and transporters on the gut epithelium regulate metal 
absorption, including zinc transporter (ZnT) or divalent metal transporter 1 (DMT1). 
These transporters make selective uptake possible because they can identify specific 
metals. Some insects have gut-chelating substances that bind to metals and prevent 
excessive absorption. For example, phytochelatins, small peptides secreted by the diges-
tive system, can bind heavy metals to prevent the absorption of toxic metals [17, 18].

2.2 Transport and distribution of metals

The hemolymph distributes metals throughout the body after they pass through 
the digestive tract. Often, the movement of metals within the hemolymph is medi-
ated by metal-binding proteins. These proteins can bind metals and prevent the free 
ionic form of metals from interacting with biological structures and causing damage. 
These tiny, cysteine-rich proteins bind and store metals, such as Zn, Cu, and Cd [16]. 
Metallothionein is necessary for buffering the amounts of metals in tissues, detoxify-
ing excess metals, and storing them. Insects use certain transport proteins to manage 
the distribution of vital metals, such as Cu and Zn. ZnT and Cu transporting adenos-
ine triphosphatases (ATPases) transport these metals into cells, where they are either 
stored for future use or incorporated into metalloenzymes [19].

2.3 Metal storage and detoxification

Insects tend to manage excess metals by sequestering them inside specialized 
organs, such as the fat body, malpighian tubules, and midgut cells, isolating the 

Figure 1. 
Influence of metals on insect physiology and pest control. Insect physiology (immune response, enzyme activation) 
and microbial pathogenesis (metal acquisition, virulence) are influenced by metals, such as Cu, Fe, Zn, etc. 
These interactions offer avenues to novel pest-control strategies aimed at disease prevention and pest management 
through the manipulation of metal pathways.
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metals in granules or vesicles to prevent toxic interactions with biological compo-
nents. Metallothionein and phytochelatins comprise peptide chains that store metals 
such as Cu and Cd, lowering their free concentration and thereby preventing cellular 
damage. Metals can also be excreted through the malpighian tubules to prevent 
accumulation, especially for toxic metals like Cd [20]. Insects employ antioxidant 
enzymes, such as catalase, glutathione-peroxidase (GPx), and superoxide dismutase 
(SOD), to neutralize the reactive oxygen species (ROS) synthesized during oxida-
tive stress brought up by the metals. In some species, an increase in transcript levels 
of copper-zinc superoxide dismutase (Cu/Zn-SOD) relates to Cu excess, whereas 
glutathione -S-transferases (GSTs) couple metals to glutathione for removal in a 
detoxification pathway [21, 22].

2.4 Metal-dependent enzymes

The physiological processes of insects and similar pests depend on metal-
dependent enzymes. Such enzymes require metals as cofactors and they operate on 
everything from energy production to immunological protection and detoxification 
[9]. Knowing the functions of these enzymes helps us understand insect biology 
and the mechanisms that underlie insect tolerance to environmental stresses, such as 
heavy metals and pesticides, both natural and man-made. Metal-dependent enzymes 
are also among the components contributing to insecticide resistance. Many insect 
species are now capable of expressing iron-dependent cytochrome P450 enzymes, 
enabling them to detoxify such harmful substances as insecticides [23]. Cu/Zn-SOD 
also helps in reducing oxidative stress brought on by pesticides [22]. When these 
enzymes are overexpressed, resistance may advance, making chemical pest popula-
tion management more challenging. Additionally, one significant way that certain 
pests, particularly those found in metal-polluted areas, have developed to survive in 
contaminated settings is the capacity of metal-dependent enzymes, such as metallo-
thionein, to sequester and detoxify heavy metals and xenobiotics [24].

Metal ion transporters and homeostatic mechanisms are vital for insect physiol-
ogy, ensuring proper cellular function, detoxification, and survival under various 
environmental stresses. A deeper understanding of these processes offers valuable 
insights into insect biology and potential strategies for pest control and environmen-
tal sustainability.

3.  Metals as tools for biological control

As we know, metals play an integral role in the physiology of insects; however, 
excessive amounts of metals can disrupt critical physiological processes of insects, 
including respiration, enzyme activity, and reproduction [25, 26]. In recent years, there 
has been growing interest in using metals and metal-based compounds as alternative 
pest-control agents. Traditionally, synthetic chemical pesticides have dominated agri-
cultural pest management, offering broad-spectrum efficacy but often posing risks to 
human health, beneficial organisms, and the environment. In contrast, metals present 
a novel approach that influences their essential biochemical roles and toxic potential 
in low doses. Despite that, metals should be used with great care as pesticides [27, 28]. 
Over time, metals can accumulate in soil and water systems resulting in environmental 
problems. As a result, there is much need for the development of biodegradable metal-
based formulations or controlled release systems to maintain this approach sustainable.
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3.1 Metal-based pesticides

The concept of using metals as pesticides is rooted in their ability to interfere 
with insect physiology in many different ways. Metals like Cu, Zn, and silver (Ag) 
have long been known for their antimicrobial properties, and their use in agricul-
ture as fungicides and bactericides is well established. Cu-based compounds, for 
instance, have been used as early as the nineteenth century to manage fungal dis-
eases [29, 30]. These metals disrupt essential cellular functions, such as membrane 
integrity and enzyme activity, effectively controlling a wide range of agricultural 
pests with lower ecological impact compared to many synthetic pesticides. Metals 
can induce oxidative stress by generating ROS within pest cells, damaging cellular 
components like DNA, proteins, and lipids. Fe and Mn, essential in small amounts, 
can be lethal at higher concentrations, leading to disruptions in insect growth and 
reproduction, as shown in Figure 2. This targeted impact on metabolic processes 
makes metals a valuable tool for integrated pest management (IPM) strategies that 
aim to reduce chemical reliance and enhance environmental sustainability [31, 32]. 
Certain metals and metal compounds have been used as pesticides due to their toxic 
effects on pests, pathogens, and weeds. Here are some commonly used metals with 
pesticidal properties:

3.1.1 Copper

Copper (Cu) compounds, such as copper sulfate, copper hydroxide, and Bordeaux 
mixture (a blend of copper sulfate and lime), are extensively used as fungicides and 
bactericides in agriculture, especially in vineyards and orchards. Cu ions interact with 
proteins and disrupt enzyme function in microbial cells, leading to cell damage and 
death. These compounds prevent fungal spores from germinating and protect crops 

Figure 2. 
Mechanisms of pesticide and heavy metal toxicity in insects. Pesticides and heavy metals disrupt insect physiology 
through enzyme inhibition, DNA damage, oxidative stress, and impaired gene expression, leading to metabolic 
disorders, mutagenesis, apoptosis, and abnormal development.



Advances in Entomology

134

from diseases like downy mildew and leaf spots. However, Cu can accumulate in soil 
over time, so its use must be carefully regulated to avoid toxicity to plants and benefi-
cial organisms [33].

3.1.2 Silver

Ag, especially in nanoparticle form, has potent antimicrobial and insecticidal 
effects. Ag nanoparticles (AgNPs) can penetrate cell membranes, generating ROS 
that damage cellular components like DNA, proteins, and lipids. This disrupts vital 
functions in pathogens and insect pests. Ag-based pesticides are effective against 
bacteria, fungi, and some insects, though they are used sparingly due to concerns over 
potential environmental toxicity and bioaccumulation [34].

3.1.3 Zinc

Zinc phosphide is primarily used as a rodenticide. When consumed, it reacts with 
stomach acid in rodents to produce phosphine gas, which is highly toxic and leads to 
respiratory failure. Zn phosphide is fast-acting and effective in rodent control, espe-
cially in settings where rodent populations pose significant risks to crops and stored 
grains. To mitigate risks to non-target species, Zn phosphide is generally used in bait 
formulations with strong attractants for rodents [35].

3.1.4 Boron

Boron compounds, particularly boric acid and borax, are used as insecticides 
against pests like ants, cockroaches, and termites. Boron disrupts digestive enzymes 
in insects, leading to malnutrition and death over time. It also damages their exoskel-
etons, causing dehydration. Boric acid is applied in powder or gel form in pest-prone 
areas and is especially valued for household pest control due to its low toxicity to 
humans and pets when used properly [36, 37].

3.1.5 Iron

Iron phosphate is commonly used as a molluscicide to control slugs and snails, 
which are serious pests in gardens and farms. Fe phosphate interferes with the diges-
tive process of these pests, rendering them unable to consume food and finally caus-
ing death. Iron phosphate is often coupled with other substances that attract snails 
and slugs, making it an efficient bait. It is also much preferred for organic farming due 
to its low effects on the environment and minimal toxicity to non-target species [38].

3.1.6 Aluminum and magnesium

Magnesium phosphide and aluminum phosphide are fumigants and are used to 
control rodents and insects in stored grains and other agricultural harvests. They 
release phosphine gas when reacted with moisture, which is highly toxic to living 
organisms, including pests by obstructing cellular respiration. It works very fast and 
penetrates deep into the stored materials, but requires trained personnel due to its 
danger and exposure risks [39, 40].

These metal-based pesticides offer different mechanisms and can be highly effec-
tive in pest control. However, one needs to be very careful in using metals to avoid 
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inadvertent accumulation or toxicity in non-target organisms. High concentrations of 
metals could harm the beneficial organisms while also disrupting soil health or leach-
ing into water systems. Consequently, research and development efforts have been 
devoted to the creation of controlled or biodegradable metal-based supplements for 
minimal environmental impact while ensuring the availability of metals for beneficial 
organisms.

3.2 Metal nanoparticles as pesticides

Metal nanoparticles have attracted the attention of a lot of researchers as novel 
agents in pest control, owing to their unique characteristics, which make them more 
effective than their traditional metal-based counterparts. These agents include Ag, 
Cu, Fe, and Zn oxide nanoparticles, which are all very reactive, possess high surface-
to-volume ratios, and can directly interact with cellular structures in insects. This 
makes them efficient at very low concentrations with significantly reduced unwanted 
effects on non-target environment [41].

The best among the types of nanoparticles that have been established as insecti-
cides is Ag nanoparticles (AgNPs). The mechanism of action involves the production 
of ROS, membrane damage, and alteration of respiration, which cause different 
cellular dysfunctions. Such diverse actions reduce and make AgNPs highly useful 
against various insect pests and microbial pathogens, which are quite beneficial in 
crop protection [42]. Similarly, copper nanoparticles (CuNPs) are also very compe-
tent because they intrude insect molting and growth processes. They disrupt very 
crucial metabolic enzymes and cellular structures that could lead to insect death. In 
horticultural applications, CuNPs have been effective because they reduce fungicide 
and insecticide applications [43]. However, Fe oxide nanoparticles, Fe2O3, promise 
much in pest management because of their ability to induce oxidative stress and metal 
dysregulation. They can also generate ROS under suitable conditions, which further 
injure the insect’s cellular structures and immune systems [44]. Another noteworthy 
addition concerning pest control is Zn oxide and titanium dioxide (TiO2) nanoparti-
cles. Added to the effects of their ultraviolet (UV)-induced toxicity, they also present 
alternate options for insect control, especially in laboratory studies that point toward 
their possible application in the field [45].

Nanoparticle technology is under investigation as a possible solution for sus-
tainable pest control. New metal and alloy nanoparticle formulations are being 
prepared for effective pest control combined with the least environmental impact. 
Nanoparticles have several advantages, such as the reduced use of pesticides and lower 
risk toward beneficial insects. Still, further research is needed to assess the long-term 
ecological effects of nanoparticles and the optimization of their use in agriculture.

3.3 Enhancing efficacy of natural predators and parasites

Biological control agents are the key actors in pest management in sustainable agri-
culture. Among these, natural predators and parasites are considered the most prom-
ising for pest control. Predatory insects, parasitoids, and entomopathogenic fungi and 
bacteria are included as biological control agents in the IPM systems. However, their 
potency in pest control relies also on the environment and the availability of essential 
nutrients [46, 47]. Recent research has underscored the possible role of metals as 
enhancers of these biological control agents, adding a new dimension to pest-control 
strategies that are both effective and environmentally friendly. Although indirectly, 
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metals can help in pest control by providing these vital host metals for growing ben-
eficial insects and microorganisms. Trace metals are required for the metabolism and 
pathogenicity of some bacteria, fungi, and other biological control agents [48–50]. 
Then, by providing these metals in specific ways, we can encourage the beneficial 
organisms that naturally eat, or outcompete, pests, allowing for a balanced ecosystem 
approach to pest management. For example, some biocontrol bacteria and fungi must 
rely on the presence of trace metals to process their metabolism, and supplying these 
can enhance their biocontrol activity.

Some of the metals are important to the growth and survival of beneficial organ-
isms used in biological pest control. These metals play dynamic roles in various 
biological processes, such as immunity and metabolism [51]. By strategically adding 
these metals, it is possible to improve the performance of these advantageous organ-
isms. This can lead to improved pest control by increasing their ability to locate, 
attack, and suppress pests. Additionally, metals can indirectly support biological con-
trol by creating environments that favor natural enemies over pests and by enhancing 
the resilience of beneficial microbes and fungi. This can make them more effective in 
combating and inhibiting pest populations.

4.  Other pest-control strategies

In addition to using metal ions for pest control, there are many other methods for 
controlling agricultural and forestry pests, as follows;

4.1 Physical and chemical control strategies

Chemical control uses pesticides to kill pests by applying them to crops, soil, or 
water. Although effective in the short term, long-term reliance harms ecosystems and 
raises food safety concerns. Excessive pesticide use in citrus farming increases costs 
and leaves harmful residues, impacting crop quality and consumer health. To mini-
mize these issues, chemical methods should be cautiously applied and integrated with 
other pest-control strategies [52]. Chemical pesticides are classified by target pests: 
insecticides control insects by affecting their nervous systems; fungicides prevent 
fungal diseases by inhibiting growth; and herbicides control weeds by disrupting 
plant growth processes, as shown in Figure 3.

Physical pest control is an eco-friendly method involving mechanical trapping, 
seed selection, lasers, and other technologies. These methods effectively reduce 
chemical pesticide use and protect the environment. Mechanical trapping, such as 
sticky boards and trap nets, leverages pest behaviors to capture them efficiently. 
According to Upama Adhikari (2022), this approach is simple, environmentally safe, 
and a viable alternative to chemical methods; however, it is not very efficient. High-
temperature exposure and lime water dipping target pest eggs in seeds [53]. Control 
over temperature, especially in greenhouses and storage, severely limits pest repro-
duction and survival. New technologies, like lasers and infrared surveillance, are also 
emerging that will prove very effective in the near future [54].

4.2 Agricultural control strategy

Agricultural pest control leverages ecological adjustments to inhibit pest 
survival and reproduction, offering cost-effective and sustainable practices. Key 
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methods involve improving cultivation or weed control methods, such as crop 
rotation, plowing, drainage, and fertilizer, to regulate planting periods. IPM is 
the use of models to reduce dependence on chemical pesticides and enhance crop 
resilience in a sustainable framework that leads to increased production. Upgraded 
planting methods, such as the intercropping of U.S. Midwest corn with soybeans, 
enhance soil quality and decrease pests, and intercropping of vegetables and 
herbs has been promising in Asia and Europe [55, 56]. Furthermore, the planting 
of weed belts provides habitats for natural enemies, such as parasitic wasps and 
predatory insects, improving pest-control effectiveness and enhancing ecological 
balance and stability [57].

4.3 Biological control strategies

Biological control uses natural enemies, pathogens, or parasites to manage pests, 
offering an environmentally friendly alternative to chemical pesticides. Avoidant 
plants, biocontrol agents, natural enemies, plant extracts, and emerging biotech-
nologies, such as biopesticides and genetic control, are common biological control 
tools.

4.3.1 Avoidant plants

Avoidant plants repel pests by releasing chemicals like limonene, which inhibits 
pest activity and attracts natural enemies [10]. Limonene’s dual role in repelling pests 
and enhancing ecosystem pest control by attracting natural enemies like parasitic 
wasps is widely used in agriculture [58].

4.3.2 Biocontrol agents

Natural enemies, such as predatory insects, parasitic wasps, and predatory mites, 
play key roles in pest management. Ladybird beetles and lacewings reduce aphid 
populations, while parasitic wasps like red-eyed wasps control pests, such as rice 

Figure 3. 
This diagram shows the three main types of pesticides: herbicides, insecticides, and fungicides, each with specific 
chemical classes. Herbicides include chlorophenoxy compounds, triazines, glyphosate, and bipyridyl compounds. 
Insecticides are classified into carbamates, organophosphates, bio-insecticides, neonicotinoids, and phenylpyrazoles. 
Fungicides include benzonitriles, benzimidazoles, dithiocarbamates, and chloroalkylthiol compounds.
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leaf borers and corn borers, effectively in agroecosystems [59]. Enhancing crop 
diversity through trap crops or aromatic plants supports natural enemy popula-
tions, improving pest control. Pathogens, such as baculoviruses, bacteria (e.g., 
Bacillus thuringiensis (Bt)), fungi (e.g., Beauveria bassiana, Metarhizium spp.), and 
nematodes, parasitize and kill pests, reducing reliance on chemical pesticides. For 
instance, Bt toxin disrupts pest digestion, while fungi secrete enzymes that degrade 
pest exoskeletons [60, 61].

4.3.3 Plant extracts

Plant extracts, rich in active compounds, effectively inhibit pest growth and 
reproduction by disrupting digestive enzymes or physiological pathways. For 
example, neem-based pesticides like azadirachtin interfere with hormonal and devel-
opmental processes in pests, reducing reliance on chemical pesticides [62]. Essential 
oils exhibit insecticidal properties by disrupting pest nervous and endocrine systems. 
Recent plant-derived formulations like S-enemas mimic insect hormones to control 
pest populations, showing promising results in pest management [63].

4.3.4 Biotechnology applications

Biotechnology offers innovative solutions for sustainable pest management. 
Natural or engineered biopesticides, such as microbial-based repellents and plant-
derived compounds, reduce reliance on chemical pesticides. Biofumigation, utiliz-
ing gases from microbial metabolites, effectively targets soil pests by poisoning or 
disrupting cellular structures [64].

Genetic control technologies provide advanced methods for pest suppression. 
Transgenic crops, such as Bt maize and cotton, resist pests by producing insecticidal 
proteins. CRISPR-Cas9 (CRISPR-associated protein 9) gene editing enables precise 
genetic modifications, like altering zebra butterfly gut microbes to hinder develop-
ment [65]. The Sterile Insect Technique, which releases sterile males to reduce pest 
reproduction, has proven effective in Mediterranean fruit fly control [66]. Gene-drive 
technology rapidly spreads pest-suppressing traits, such as in mosquito control [67]. 
RNA interference (RNAi) uses double-stranded RNA (dsRNA) to silence genes, 
effectively inhibiting pest growth with minimal environmental impact [68].

Integrating Internet of Things (IoT), drones, Artificial Intelligence (AI), and 
nanotechnology, precision tools enable real-time pest monitoring and targeted 
interventions. Unmanned aerial vehicles (UAVs) optimize pesticide spraying, while 
AI-powered systems identify pests effectively [69, 70]. Innovative plant-based 
solutions and biotechnological advancements significantly improve pest-control 
efficiency while minimizing environmental impact and reducing chemical pesticide 
dependency.

5.  Methods for metal production and evaluation

5.1 Sourcing metals for pesticidal applications

The metals used in pesticidal applications are obtained from a variety of sources, 
depending on their availability, cost-effectiveness, and suitability for agricultural 
purposes. Common sources include:
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5.1.1 Mining and refining

The ores yielding various metals, for example, copper, zinc, and arsenic, are 
mined and refined to produce pure metals. For instance, copper, widely used in 
pesticides like copper sulfate, is mined and processed into its pesticidal form through 
chemical treatments. Most zinc compounds are also products of ores mined, after 
which they are subsequently transformed into final products, such as zinc oxide, 
which possibly has applications as a fungistatic and bacteriostatic agent [71].

5.1.2 Recycling

During the time of increasing environmental concerns, recycling metals turned to 
become one important source. Recycled copper, zinc, and other metals can be repur-
posed for agricultural uses, reducing dependence on virgin materials and lowering 
environmental footprints [72].

5.1.3 Industrial by-products

The smelting of gold, silver, or copper results in the generation of by-products, 
such as arsenic and cadmium. Although these metals are well-known poisonous 
agents requiring careful handling, their pesticidal capabilities render them useful for 
given applications, especially in controlled environments [73].

5.1.4 Biosynthesis or bioprospecting

Biosynthesis or bioprospecting of metallic nanoparticles is a new approach that 
is gaining interest in today’s world. Among them, silver and zinc oxide nanopar-
ticles can be created from plant extracts or microbial sources. These techniques help 
to create effective pesticides and also eliminate the toxicity associated with metal 
extraction [74].

5.2  Evaluating metals for pesticidal use in ensuring their efficiency, safety, and 
sustainability

The evaluation of metals for pesticidal use is a critical step in ensuring their 
effectiveness, safety, and sustainability. This involves several phases:

5.2.1 Laboratory testing

In initial testing, one seeks to ascertain the pesticidal activity of the metal against 
the targeted pests. Parameters, such as lethal concentration (LC50) and effective 
concentration (EC50), are calculated. These tests also explore the mode of action of 
the metal, such as interfering with their reproductive systems or disrupting enzymatic 
pathways in pests [75].

5.2.2 Field trials

After laboratory testing, the performance of metals is evaluated under actual agri-
cultural conditions. Field trials determine persistence of the metal in soil and plants, 
effectiveness in different climates, and interactions with other agricultural inputs. For 
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instance, copper-based fungicides are tested for their ability to control fungal diseases 
like downy mildew under varying humidity and temperature conditions [76].

5.2.3 Environmental impact assessment

These metals should be assessed critically for their possible effects on the environ-
ment. The assessment should cover bioaccumulation risks, leaching into groundwater, 
and toxicity to non-target organisms, such as pollinators, aquatic species, and benefi-
cial soil microbes [75, 76].

5.2.4 Formulation and stability testing

Metal-based pesticides are formulated for improved effectiveness and stability. It 
includes the blending of metals with inert ingredients, which improve the dispers-
ibility, resistance to sunlight degradation, and adherence to the plant surface. Stability 
testing is carried out in order to ensure that the product remains effective during 
different storage and environmental conditions [75, 76].

6.  Challenges and risks of using metals for insect control

The use of metals for insect control presents several challenges and risks. Metal 
toxicity and environmental concerns arise as these metals can accumulate in soil and 
water, posing threats to non-target organisms like earthworms, beneficial insects, and 
aquatic species. This can disrupt ecosystems and biodiversity, particularly in areas 
with high or repeated metal use [77, 78]. Additionally, insects may develop resistance 
to metal-based treatments, much like they do with chemical pesticides. Over time, 
pests may evolve mechanisms to tolerate metals, reducing the effectiveness of these 
strategies [79]. Another challenge is the lack of clear sustainability and regulation 
surrounding metal nanoparticle use. Regulations as yet to evolve, but there are still 
inconsistent guidelines, allowing for slow adoption and misuse. Moreso, metals can, 
inadvertently, harm beneficial species, including pollinators and natural predators, 
upsetting natural pest control and biodiversity. Metal accumulation can also affect 
soil and water health resulting in contaminating aquatic ecosystems, and impeding 
microbial activity required for nutrient cycling [80].

Bioaccumulation of metals, including in nanoparticle form, can also occur and 
presents long-term health risks. The high cost of production and precise application 
further limits the widespread use of metal-based treatments, especially in small-scale 
farmer production. Ultimately, regulatory delays, public perception, and a fear of the 
safety and environmental impact of such technologies may hold them back from being 
adopted [77, 80]. These challenges demonstrate the difficulty associated with using 
metals for the control of pests. They represent promising alternatives to traditional 
pesticides and should be used sparingly to minimize environmental impact, delay 
resistance development, and improve sustainable, safe application to the environment.

7.  Conclusion

Insects depend on metals for proper survival and physiological functional-
ity, as these metals affect development, reproduction, and interaction with the 



141

The Role of Metals in Biological Control of Insects
DOI: http://dx.doi.org/10.5772/intechopen.1009759

environment. This chapter highlights the dual roles of metals in pest management: 
Misregulated as disruptors of insect homeostasis and as critical nutrients for insect 
metabolism. We also outlined the mechanisms by which metals elicit pesticidal 
effects, the benefits, and drawbacks of utilizing metals within industries to control 
pests, and present recent developments in the transition to environmentally benign, 
metal-based pesticides. Knowing metal ion transporters, metalloprotein enzymes, 
and mechanisms of detoxification enables researchers to utilize metal homeostasis 
for developing novel pest-control strategies. Metal-based pesticides, nanoparticles, 
and chelators are examples of metals used in IPM. In addition, advancements in 
insect siRNA and biotechnologies, including CRISPR, are poised to enable increas-
ingly directive interventions in metal-regulation pathways of pest insects. While such 
practices must be prioritized to mitigate risks of environmental toxicity, resistance 
development, and impacts on non-target species, the benefits of drought-tolerant or 
limited water use crops shall always outweigh their risks. Research into understanding 
the complexities of metal’s interaction with insects should lead to the development of 
eco-friendly pesticides. Integration of metals with biological control and other IPM 
strategies allows us to decrease dependence on chemical insecticides and diversify 
sustainable agriculture.
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